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ABSTRACT

The field of environmental DNA (eDNA) analysis has revolutionized our ability to detect and monitor biodiversity in aquatic and
terrestrial ecosystems. However, traditional eDNA sampling methods often present limitations in terms of temporal and spatial
coverage, resulting in a loss of resolution associated with infrequent events or those prohibitive to onsite fieldwork. In recent
years, the emergence of autonomous eDNA sampling technology has provided researchers with a powerful tool for collecting
high-resolution genetic data, overcoming many of the challenges associated with manual sample acquisition. This review focuses
exclusively on eDNA technologies designed for the collection and preservation of water samples, to provide a comprehensive
overview of the current landscape of aquatic autonomous eDNA sampling technology and instrumentation. A new era of in-
strument development and capabilities is emerging; the result of knowledge gained through experience with long-tested marine
biological observation instrumentation. Lastly, we highlight current research to develop an in situ eDNA analytical capability, as
well as explore the challenges and future prospects associated with this rapidly evolving field.

1 | Introduction researchers have relied on labor-intensive and invasive tech-

niques, such as netting, trapping, and visual identifications, to
Routine monitoring of biological communities is integral to identify and quantify species presence. While effective, these
characterizing ecosystem health, biodiversity, and providing in- conventional methods often present many practical limita-
formation necessary for public health and resource management tions, including constrained spatial coverage, inadequate tem-
(Canonico et al. 2019; Forio and Goethals 2020). Traditionally, poral resolution, disturbance to sensitive habitats and species,
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and an inherent inability to capture the diversity of organisms
present in an environment. In addition, the expertise and meth-
odology required to conduct surveys are highly dependent on
the organisms in question. In recent years, environmental DNA
(eDNA) analysis has emerged as a complementary approach to
traditional observational techniques (Rourke et al. 2022; Stat
et al. 2017; Wang et al. 2024; Westgaard et al. 2024). This review
specifically addresses eDNA sample collection from aquatic
environments using technologies intended for the recovery of
eDNA obtained from discrete water samples.

eDNA analysis involves the collection and analysis of genetic
material shed by organisms into their surrounding environment
(Taberlet et al. 2018). Multicellular organisms release DNA and
RNA in a myriad of ways, such as by shedding skin cells, scales,
mucus, feces, and gametes, all of which can be extracted and
sequenced to identify species present within a given ecosystem.
This approach offers several advantages over traditional survey
techniques, including non-invasiveness, high sensitivity, and
capacity to detect rare or elusive species—particularly those
that are difficult to observe visually (Gold et al. 2021; Holman
et al. 2019; Noble-James et al. 2023). Moreover, eDNA anal-
ysis enables comprehensive assessments of biodiversity over
large spatial and temporal scales, providing valuable insights
into community composition, species richness, and ecologi-
cal dynamics (Preston et al. 2024; Searcy et al. 2022; Thomsen
et al. 2012).

One of the main benefits of aquatic-based ‘omics research
(broadly referring to the study of DNA, RNA, proteins, and me-
tabolites to characterize biological communities and ecosystem
function) is that, despite enormous habitat diversity, the act of
collecting samples is relatively straightforward. However, this
is also a pivotal challenge to collect an appropriate sample set
over relevant temporal and spatial scales. While analysis of
eDNA data can be complex, eDNA filtration and preservation
is universally accessible. Coverage using conventional eDNA
sampling techniques can be relatively comprehensive in readily
accessible marine settings (e.g., coastal), but it is also laborious
as it typically involves onsite water collection followed by time-
consuming sample processing in the lab. In contrast, sampling
in remote environments, for example, when the use of crewed
ships is required, significantly limits spatial and temporal sam-
pling resolution, hindering the characterization of dynamic
aquatic ecosystems. To address these challenges and leverage
the ease of eDNA sample collection, autonomous samplers and
in situ biomolecular sensors have emerged, offering a paradigm
shift in our capacity to understand ecosystem dynamics broadly
(Govindarajan et al. 2023; McQuillan and Robidart 2017). These
new technologies not only enhance the precision and frequency
of data collection but also enable researchers to delve deeper
into the molecular mechanisms governing aquatic life in remote
locations.

A critical but often overlooked consideration in the development
of these technologies is the alignment between the diversity of
end-user needs and the diversity of sampling systems. No sin-
gle technology can meet the demands associated with all ap-
plications and use cases; thus, the details of instrument design
generally reflect trade-offs between performance requirements,
ease of usability, and cost. For instance, real-time detection

capabilities are particularly valuable for event-based sampling,
such as during harmful algal blooms or pathogen outbreaks,
whereas they are less critical for long-term biodiversity surveys.
High-capacity, autonomous sampling systems are better suited
for extended deployments or high-frequency data collection but
may be excessive for short-term missions such as ROV-based
exploration. Likewise, affordability is a key driver for commu-
nity science and resource-limited monitoring programs, while
fit-for-purpose tools may be prioritized by structured research
initiative requirements, including long-term ecosystem obser-
vation or targeted oceanographic expeditions. Recognizing this
diversity of applications, sampling environments, and result-
ing technological solutions helps to illuminate why no single
approach or device is universally optimal and highlights the
importance of encouraging the development of a flexible and in-
teroperable instrumentation portfolio.

To that end, this review summarizes information shared during
the Marine 'Omics Technology and Instrumentation Workshop,
which was held October 10-12, 2023, supplemented with a sub-
sequent literature review to synthesize the state of autonomous
eDNA sampling technology and instrumentation. We explore
the latest advancements in autonomous sampling instrumen-
tation, including device design and capabilities, but limit this
review to automated samplers, without consideration of the par-
allel expansion of passive eDNA sampling technologies (Bessey
et al. 2021). Additionally, we discuss the integration of these
sampling devices with various platforms, advanced in situ an-
alytical capabilities, environmental contextual sensors, and
imaging technologies, all of which collectively enhance the ef-
fectiveness and utility of eDNA sampling systems. Finally, we
examine current challenges and opportunities associated with
autonomous eDNA sampling, including applications, valida-
tion, and standardization, all of which are required for a coor-
dinated and larger scale adoption of eDNA-based observations
(Agersnap et al. 2022; Kelly et al. 2024).

2 | Methods

The overarching goal of this review is to comprehensively doc-
ument insights and current advancements in the field of auton-
omous 'omics-based sampling instrumentation by integrating
expert perspectives with published literature. Information
was collected through the Marine 'Omics Technology and
Instrumentation (MOTI) workshop (October 10-12, 2023), co-
ordinated personal communication with domain experts, and a
structured literature review.

The MOTI workshop, held at the Monterey Bay Aquarium
Research Institute, brought together 55 experts, including in-
strument and technology developers from around the world rep-
resenting academic as well as non-profit and for-profit entities,
to foster collaboration and define roadmaps for next-generation
biodiversity observation technologies. The motivation for this
paper grew from those interactions. The workshop was struc-
tured around keynote presentations, panel discussions, and the-
matic breakout sessions. The viewpoints in the Challenges and
Barriers, Use Case and Application, and Future Perspectives
sections of this review stem from consensus reached during
workshop-focused discussions. Additional details on the
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workshop session structure, questions, and facilitation are pro-
vided in the Supporting Information.

Between October 2023 and March 2024, coordinated personal
communications with instrument developers and scientific
eDNA experts continued via email and virtual meetings. A total
of 15 experts were consulted. The selection of these experts was
based on their significant contributions to the field, a majority

of whom have co-authored this review. The data for Figures 2
and 3 were provided by the authors of this paper. Upon receipt,
the data were reviewed for completeness and consistency, with
any discrepancies or missing values addressed through con-
sultation with the authors. While some instruments were de-
veloped by this paper's authors and discussed at the workshop,
not all instrument developers who participated in the workshop
provided information included in this summary; contributions
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FIGURE2 | Specifications and ratings of commercially available or in-development aquatic eDNA sampling instruments. The first seven columns
indicate traditional laboratory methods with data analysis and communication capabilities: Black circles show existing functionality, gray circles
indicate in-development, and open circles denote non-existent functionality. Effort categories are ranked from 1 (minimal effort) to 4 (extensive ef-
fort) or NA (open circles); NA icons represent values not available. R&D time represents the number of years in development. Sample capacity is the
number of unique samples that can be collected on a single deployment. Depth range is in units of meters, size is in units of m3, weight is in units of
kg. A complete list of instrument specifications is available in Table S1.
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to this work were based on the availability and completeness
of technical specifications, not on workshop attendance alone.
Contributors provided scores related to training and deployment
effort based on a specific rubric. Training effort was assessed by
the level and duration required to become proficient in operat-
ing the instrumentation: a value of 1 indicated less than 1day of
training, while a value of 4 indicated a week or more. Similarly,
deployment effort was assessed by the level of effort, time, and
equipment needed to deploy an instrument: a value of 1 indi-
cated less than 3h and minimal equipment, while a value of 4
indicated a week or more with specialized infrastructure (e.g.,
ship, mooring, etc.). The total effort, ranging from 2 to 8, was

the sum of training and deployment efforts. The complete rubric
can be found in Table S2.

A literature review was conducted using the Web of Science da-
tabase to identify and analyze existing research on autonomous
marine molecular biology-based sampling instrumentation. The
review focused on articles published up to January 1, 2024, to
ensure the inclusion of the most recent and relevant studies.
Search terms included “eDNA”, “environmental DNA”, “molec-
ular biology”, “sensors”, “biosensors”, “autonomous”, “in situ”,
“ecogenomic sensor” and “instrumentation”, and combinations
of those terms.
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3 | Background and History

The advent of autonomous eDNA sampling has been attributed
to the convergence of scientific and engineering breakthroughs
in environmental genomics and the expansion of autonomous
water samplers and in situ incubation devices during the mid- to
late 1980s (McQuillan and Robidart 2017; Ottesen 2016). Today's
current eDNA sampling instrumentation stems from these pi-
oneering investigations (Figure 1), driven by limitations asso-
ciated with ship-based sampling and the need for unattended
in situ long-term operations. Starting in 1986, Friederich et al.
reported the development of a moored water sampler for the
collection of 20 chemical or biological water samples at prede-
termined depths in the ocean (Friederich et al. 1986). This de-
vice allowed chemical and biological variability assessments
over long periods without concurrent ship-based operations. It
was later deployed in the California Current on a Lagrangian
drifter to preserve phytoplankton (Abbott et al. 1990). In 1990,
the Submersible Incubation Device (SID) established the idea of
in situ laboratory experiments in the deep sea, with the ability
to return samples to measure biogeochemical fluxes from in situ
isotope incubations with the Microbial Sampler—Submersible
Incubation Device (MS-SID) (Taylor and Doherty 1990). The
SID inspired the development of several other instruments
during the late 1990s through the mid-2010s that focused pri-
marily on enabling remote collection and preservation of water
samples that were returned to the laboratory for prokaryotic and
phytoplankton analyses (Figure 1). These instruments can be
categorized into three classes: whole bulk water samplers, fil-
tration samplers, and ecogenomic sensors. The latter is distin-
guishable from the others as it includes the capacity for sample
manipulation beyond initial collection, filtration, and (where
applicable) primary preservation.

3.1 | Bulk Water Samplers

A number of devices were designed to collect unfiltered, native
water samples for shore-side laboratory analyses, providing bulk
(or “whole”) water samples for a variety of laboratory-based
analyses. Some instruments only collect native (i.e., “live”)
water, whereas others also can add a preservative. Many of these
sampling systems were not designed for molecular biological
analyses, and a particular drawback of non-preserved whole
water sampling systems is that the material collected may not
be suitable for molecular analyses (e.g., metatranscriptomics,
eRNA) where the target analyte may be compromised through
degradation, growth, or alterations in metabolic activities (e.g.,
mRNA expression). Adding a preservative to bulk water samples
can help maintain sample integrity over longer deployments.
However, this capability introduces additional fluidic handling
complexity and may not be required in cases where target mole-
cules are stable and/or samples can be promptly processed upon
recovery.

The earliest bulk water sampler was the Remote Access Sampler
(RAS), which was the first demonstration of unattended moored
sampling operations in the ocean, designed to study planktonic
diatoms (McKinney et al. 1997). In 2012, Feike et al. reported
the development of the Automatic Flow Injection Sampler
(AFIS), allowing the collection of a single whole water sample

in a tethered deployment configuration with in situ preservation
via mixing with a concentrated preservative. The AFIS was val-
idated for microbial metatranscriptomics, revealing a 30-fold in-
crease in ammonia monooxygenase transcription compared to
standard oceanographic sampling methods (Feike et al. 2012).
The AFIS was subsequently upgraded to AFISsys to increase
sample capacity to six samples. More recently, the Water and
Microplankton Sampler (WaMS) was designed to enhance the
capabilities of the Continuous Plankton Recorder (CPR) by au-
tonomously acquiring whole water samples downstream of the
CPR at predetermined intervals for later DNA analyses, first
demonstrated with 18S rDNA metabarcoding (Stern et al. 2015).

In the mid-2000's, a few development efforts focused on incor-
porating water sampling systems on fully autonomous plat-
forms with the goal of improving spatial and temporal coverage
while reducing overall collection expense and effort. While
mainly developed for biogeochemical measurements, these in-
struments also provided viable material for shoreside filtration
and ‘omics-based analyses. For example, the Gulper, a unique
AUV payload system, was originally designed to collect up to
10 discrete water samples (1.8L each) per deployment (Bird
et al. 2007). Collections can be triggered adaptively based on
the AUV's underway environmental contextual sensors (e.g.,
CTD, chlorophyll) or at preset locations and depths. The system
has been used in tandem with multiple AUVs for coordinated
and adaptive environmental sampling of zooplankton (Harvey
et al. 2012). Green Eyes Environmental Observation Systems
developed the AquaMonitor for deployment on moorings and
autonomous vehicles with a capacity to collect 47 1-L samples
with an option of dosing the water acquired with preservatives
such as Lugol's or mercuric chloride (GreenEyes LLC 2025).
FluidIon's sampler systems (surface and deep samplers) were
designed to autonomously capture up to 26 whole water samples
(100mL) without a preservative. Those devices can be deployed
in a number of configurations, including moorings to autono-
mous vehicles (Fluidlon 2025). While collecting bulk water
samples expands downstream analytical opportunities (e.g.,
measuring nutrients, trace metals, etc. from the same sample as
‘omics analyses), it also requires moving and containing discrete
large volumes of water which limits the total number of samples
collected based on spatial and transport constraints.

3.2 | Filtration Samplers

By filtering water in situ and returning the concentrated mate-
rial, it becomes much easier to acquire larger numbers of sam-
ples during a single instrument deployment. Similar to bulk
water samples, instruments may or may not have a preservation
mode and can vary in deployment platforms (i.e., fixed versus
on a mobile vehicle). The deployment platform may determine
whether the collected sample is time-integrated (at a fixed lo-
cation) or time-and-space integrated (if on a moving vehicle).
The combination of the collection system and platform also de-
termines whether water is essentially a “grab sample” collected
very quickly or time-integrated with filtration occurring over
longer time periods. The majority of deployable sample filtration
instruments were initially designed to return particulates to the
laboratory for downstream biological analyses that were not fea-
sible or practical to conduct in situ.
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A variety of in situ water filtration instruments have been de-
veloped, showcasing the diversity of this technology and its
applications in aquatic and biological observations. Taylor
et al. (2006) devised the Autonomous Microbial Sampler
(AMS) which collected 6 independent filtered or unfiltered
samples from remotely operated vehicles, autonomous un-
derwater vehicles, or crewed ships. This device proved the
possibility of remotely capturing uncontaminated micro-
bial samples from marine environments, specifically in
the deep sea and in extreme environments (e.g., hydrother-
mal vents; Taylor et al. 2006). Similarly, the Particulate and
Phytoplankton Sampler (PPS) is an autonomous filtration and
preservation sampler coupled to a physical and chemical sen-
sor system. The PPS can collect 24 individual water samples
on 47 mm membrane filters and can be deployed for extended
periods (14 months). Sequencing of 16S rRNA and rDNA re-
vealed differences between ship-based collections and those
conducted in situ with the PPS (Torres-Beltran et al. 2019),
highlighting the need to establish standardized and repro-
ducible techniques for validating the performance of newly
developed automated samplers in light of well-established
manual (human-in-the-loop) “gold standards”. Likewise, the
In situ Filtration and Fixation sampler (IFFS) was designed to
avoid potential biases in studies of microbial transcriptomics
that are introduced when using traditional Niskin bottle sam-
pling followed by manual shipboard processing (Wurzbacher
et al. 2012). The IFFS revealed the importance of in situ sam-
pling and preservation to obtain metatranscriptomic profiles
reflective of prevailing environmental conditions.

Long interval, time integrated sampling devices have been
devised for investigations of dynamic and changing aquatic
environments. For example, the Biological OsmoSampler
System (BOSS) was built to continuously collect and pre-
serve fluid samples over long temporal periods from a fixed
location (Jannasch et al., 2004). It was successfully deployed
to characterize the microbial diversity, protein expression,
and geochemistry at deep sea hydrothermal vents (Robidart
et al. 2013). A unique feature of the BOSS is that it uses an
osmotic pump that does not require any electrical power.
However, its relatively slow sampling rate of < 5mL/day lim-
its its applications. Another time integrated sampling system
known as the Continuous Low-Level Aquatic Monitoring
(CLAM) device was originally developed for capturing
chemical pollutants through solid phase adsorption media
(Ensminger et al. 2017), and has since been adapted for eDNA
sampling (Aqualytical 2025). The CLAM allows for single
sample filtration of large volumes (20-100 L) over 48 h in sub-
merged fixed or drifting configurations.

To comprehensively characterize low particulate density in
open ocean systems, large sample volumes (> 5L) are often re-
quired. For example, the Suspended Particulate Rosette (SuPR)
collects 30-100L water samples on moorings and CTD rosettes
for in situ optical analysis (Breier et al. 2014). The upgraded
SuPR version 2 (v2) includes sample preservation capabilities
and can be deployed on various platforms, such as ROVs and
AUVs (Govindarajan et al. 2023, 2015). Both SuPR and SuPR
v2 have been used to characterize microbial (Sheik et al. 2015)
and mesozooplankton communities (Govindarajan et al. 2015).
The design principles of SuPR were incorporated into Clio, a

large-volume autonomous sampling vehicle, which has enabled
genomic and proteomic measurement across large geographical
and depth scales (6000 m; Breier et al. 2020). The Large Volume
Water Transfer System (WTS-LV) collects 2500 to 36,000L of
seawater by filtering through 142 mm membrane filters at flow
rates of 0.5 to 30 L/min (Morrison et al. 2000). It can be auton-
omously deployed from ships to depths of 5500m, capturing
depth-resolved samples of suspended and dissolved particulates.
The In Situ Microbial Filtration and Fixation (ISMIFF) device
collects, filters, and preserves large-volume microbial samples at
depths over 6000 m. It uses a 142 mm membrane filter, followed
by liquid preservation and has been deployed on a hadal lander
(Wang et al. 2019). When the ISMIFF was compared to Niskin
samples collected in parallel, 16S rRNA amplicon sequencing
revealed differences in community profiles (Wang et al. 2019).
Similar to the Wurzbacher et al. (2012) findings, these results
reveal the importance of applying in situ filtration and preser-
vation as opposed to removing live organisms from their native
environment and subjecting them to time-delay and disturbance
before processing (Wang et al. 2019; Wurzbacher et al. 2012).
While these instruments are well-suited for capturing low-
abundance targets in remote or deep-sea environments, their
size, power requirements, and deployment logistics may present
challenges for routine or resource-limited applications.

Building on lessons learned with ISMIFF, the Multiple In Situ
Nucleic Acid Collection (MISNAC) instrument was developed
for the collection, extraction, and preservation of nucleic acids
in the deep sea (3000 m depth rating) (Wei et al. 2020). This in-
strument enables the in situ extraction and stabilization of RNA
and DNA from marine microorganisms, ensuring minimal deg-
radation and preserving the integrity of the genetic material for
subsequent analyses. The MISNAC is capable of filtering and
extracting nucleic acids from 9 discrete samples, preserving the
extracts on polymer columns. The performance of the MISNAC
was compared to ISMIFF using 16S rRNA metabarcoding,
revealing similar microbial communities (Wei et al. 2020).
Moreover, for metatranscriptomics, the MISNAC showed higher
recovery of 16S rRNA fragments than traditional Niskin-based
samples. The MISNAC is an example of a device that highlights
the potential for in situ laboratories in the deep ocean to study
genetic and functional diversity in situ.

3.3 | Ecogenomic Sensors

The most complex instruments in this category can not only
collect and filter water but also conduct in situ analysis in
near real-time. However, these systems are typically limited
to research-focused deployments due to their operational com-
plexity, cost, and the need for specialized operations personnel.
This class of device was dubbed “ecogenomic sensor” as first
captured in an illustration by Hunter Hadaway at the University
of Washington (Hadaway 2010), providing a conceptual rep-
resentation of a device that integrates genetic-level sensing
with larger-scale environmental characterization, providing a
holistic view of the marine environment (Scholin et al. 2018).
Hadaway's illustration captured what a number of investigators
had been working on at that time—a device that not only col-
lected material but also performed molecular analytical analy-
ses in situ. The Autonomous Microbial Geosensor (AMG; Fries

6 of 21

Environmental DNA, 2025

85U011 SUOLIWIOD SAERID) 3[qed1|dde U Aq peunob 8. SR VO ‘88N JO S3IN J0j ARRIq1T UIUO AB]1M UO (SUOHIPUOD-PLE-SLLBHWOD" A8 1M KRR 1oU 1 UO//SdIY) SUORIPUOD PUe SW L 3L} 385 *[SZ0Z/TT/0T] U0 A1 8UIIUO AB]IM S0UB|R0X3 8180 PU UIESH 04 31niisu| uoieN ‘3DIN AQ 02T0L EUPS/Z00T OT/I0P/W0d B 1M AReiq 1 jou! uo//Sdiy o) popeojumoa ‘v ‘G202 ‘Er67.E92



and Paul 2003), the Environmental Sample Processor (ESP; e.g.,
Goffredi et al. 2006), and the Integrated In situ Analyzer-Gene
(IISA-Gene; Fukuba and Fujii 2021) were among the first auton-
omous systems to attempt such analyses remotely in a variety of
ocean settings.

The AMG was built to automate sample collection, filtration,
RNA extraction, and in situ RNA analysis through Nucleic Acid
Sequence Based Amplification (NASBA; Fries and Paul 2003).
The AMG had the capability of performing 12 in situ analyses,
where purified RNA is extracted in situ and detected using real-
time NASBA chemistry. This was the first system to demon-
strate microfluidic-based techniques for in situ detection and
quantification of mRNA associated with Karenia brevis, a harm-
ful algal species.

The ESP is similar to the AMG. It is an autonomous robotic
device for carrying out sample filtration, homogenization, and
conducting a variety of molecular analytical analyses in situ
(Scholin et al. 2018). The ESP was the first device to enable
real-time species detection using rRNA-targeted DNA probe
arrays, cell metabolite (phycotoxin) detection using protein
arrays (Doucette et al. 2009), as well as sample preservation
for post-deployment analyses (Greenfield et al. 2008; Ottesen
et al. 2011). Iterations of the ESP introduced the concept of
instrument modularization, where specialized sampling and
analytical functions can be added to or removed from the
“core” ESP. One versatile example is the utilization of a sepa-
rate microfluidic block to enable qPCR capabilities remotely,
in situ for detection of a variety of microorganisms (Hansen
et al. 2020; Preston et al. 2011; Ussler et al. 2013; Yamahara
et al. 2015). Similarly, the deep-water sampling module made
it possible to deploy the core ESP in the deep sea onboard
an ROV as well as a standalone benthic elevator (Pargett
et al. 2013). The development and application of the ESP are
further explored in proceeding sections.

The IISA-Gene is an in situ molecular biological analyzer
utilizing PCR-based analyses, in particular for ocean waters
(Fukuba et al. 2011). This device utilizes microfluidic lab-
on-chip architecture for fluidic manipulation and handling,
performs sample lysis, DNA purification, PCR amplification,
and optical detection. The system has been deployed at deep-
sea hydrothermal vents on-board the ROV HYPER-DOLPHIN
and successfully detected 16S rRNA genes, demonstrating the
feasibility of a functional lab-on-chip device in the deep sea
(Fukuba et al. 2011).

These early instruments span a range of sample collection,
filtration, and in situ analytical use cases, resulting in mul-
tiple research papers; yet their main application to date rests
primarily in a research setting. Only a small number of these
early devices are commercially available (mostly from McLane
Research Labs), including the RAS, PPS, SuPR, WTS-LV, and
ESP (2nd generation); the rest have never been brought to mar-
ket. This exemplifies a common challenge with in situ sam-
pling and sample processing instruments. Most are developed
for highly specialized use cases that offer limited market po-
tential (e.g., deep sea, hydrothermal vent research). Further
barriers for adoption in a commercial setting include signif-
icant developmental and operational costs, limited sample

capacity, reliability, or fidelity; and/or they are too technically
demanding for an average technician to routinely deploy and
operate.

4 | A New Era of eDNA Sampling Instrumentation

Advances in eDNA methods, techniques, and applications,
along with an increasing market pull, have driven a renewed
interest in the development of semi- to fully autonomous
sampling systems (Figure 2). Similar to their earlier coun-
terparts, these instruments span a range of sample capacity,
depth rating, and respond to a variety of end user operational
requirements (Figure 3). Over the last 10years, a suite of in-
struments has been developed to parallel eDNA “front-end”
sample handling techniques, utilizing filtration and in some
instances nucleic acid preservation for subsequent laboratory-
based molecular analyses (e.g., PCR, sequencing). These
field-deployable instruments range from human-in-the-loop
operated to fully autonomous devices that are deployable on
uncrewed systems (UxS). Though the previous instruments
could be adapted specifically for eDNA sampling use, the in-
struments reviewed in this section were designed specifically
for eDNA sampling and ‘omics-based laboratory analyses and
can be categorized into the following groups: terrestrial/ship-
board (non-submersible), semi-autonomous Niskin-style (e.g.,
manually deployed), and fully autonomous. From the previous
section, we include the ESP given the extensive use of these
instruments specifically for eDNA sampling on a variety of
fixed as well as crewed and uncrewed platforms (Den Uyl
et al. 2022; Hansen et al. 2020; Preston et al. 2024; Sepulveda
et al. 2020; Truelove et al. 2019; Yamahara et al. 2019; Zhang,
Kieft, et al. 2021).

4.1 | Terrestrial and Shipboard Instrumentation
(Non-Submersible)

To increase the efficiency of eDNA sample collections in the
field, several sampling instruments have been developed to au-
tomate aquatic eDNA collections from terrestrial and shipboard
environments. This group includes instruments that are not
designed for submerged operations; the goal being to aid field
technicians in sample collection and filtration of lentic and lotic
systems, as well as to facilitate shipboard collections.

4.1.1 | Smith Root eDNA Sampler and Autosampler—
Smith-Root (USA)

The SR-eDNA sampler, developed by Smith-Root, was the pi-
oneering instrument specifically designed to assist field per-
sonnel in the precise collection and filtration of eDNA using
specialized self-preserving filtration cartridges (Thomas
et al. 2018, 2019). This system employs vacuum-based filtra-
tion using custom, single-use 47mm self-preserving filter
housings. It is controlled by a simple graphical user interface
for programming and operation. Of note is its “trident” con-
figuration, allowing for the simultaneous acquisition of three
replicate samples. Recently, the eDNA Autosampler, an auto-
mated iteration of the SR-eDNA sampler, was introduced for
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deployable, non-submersible instruments dedicated to regular
eDNA monitoring. Utilizing the same self-preserving filter
housings as its non-automated counterpart, this system can
be pre-programmed to collect up to 8 eDNA samples via a
graphical user interface (George et al. 2024). Deployment of
this device enables high-frequency eDNA collection, reveal-
ing temporal variability and environmental associations with
comparable or greater yields relative to what manual sampling
affords (George et al. 2024).

Originally designed for terrestrial settings, these instru-
ments are increasingly being adopted for use in marine en-
vironments due to their simple and effective sample filtration
and preservation capabilities. For instance, the SR-eDNA
sampler and autosampler have been employed aboard ships
for direct processing of samples from Niskin bottles (NOAA
Fisheries 2025); on ships of opportunity facilitating sample
collection from underway water sources; and for dockside use.
Other advantages include the reduced risk of contamination
and reduced cleaning between deployments given the design
of in-line sampling (for the non-auto sampler) where the filter
is upstream of any reused tubing or parts, there is no separate
reservoir of reagent(s) to manage, and the self-preservation
method does not require handling the filter while operating
in a field setting.

4.2 | Semi-Autonomous Niskin Style Instruments

The need for semi-autonomous Niskin-style instruments for
environmental DNA (eDNA) collections arises from the grow-
ing demand for efficient and reliable shipboard sampling
methods with collections at discrete depths. Here we define
this class of instruments as semi-autonomous, as the instru-
ments are generally deployed tethered and under end-user
command and control. These instruments combine the pre-
cision of traditional Niskin bottle casts with automated fea-
tures, reducing the labor and time required for sampling while
ensuring consistent sample quality. Their ease of use and por-
tability greatly expand the capacity for citizen science and
the variety of crewed vessel operations. They are particularly
valuable for eDNA studies due to their ability to collect water
samples at multiple depths with minimal human intervention.
This feature is crucial for capturing a more comprehensive
snapshot of biodiversity in aquatic environments, where spe-
cies distribution can vary with depth.

4.2.1 | Ascension—Ocean Diagnostics (CAN)

The Ocean Diagnostics Ascension eDNA sampler is engineered
for straightforward deployment and user-friendliness, featuring
a compact, lightweight device akin to a Niskin rosette (Ocean
Diagnostics 2024). This design enables end-users to lower the
Ascension sampler to multiple depths down to 400m, allow-
ing for the collection and in situ filtration of up to 7 samples,
most commonly using 47mm diameter disc filters. Notably,
the Ascension sampler's advantage lies in its size and portabil-
ity (i.e., hand-deployable by a single person), eliminating the
need for costly hardware typically associated with traditional
Niskin rosette sampling from ships (Missen and Ayad 2025).

The deployed system captures real-time environmental data
(depth, salinity, temperature), providing contextual informa-
tion alongside eDNA samples through a computer interface.
Additionally, Ascension can be programmed ahead of time and
deployed in an autonomous configuration on a mooring or in
other stationary deployment configurations.

4.2.2 | Sampling at Depth in Situ for eDNA
(SADIE)—NOAA (USA)

The SADIe instrument arose from a collaborative effort between
the National Oceanic and Atmospheric Administration (NOAA)
Northwest Fisheries Science Center (NWFSC) and University
of Washington Applied Physics Laboratory. It is designed to
enhance the efficiency of conventional Niskin-based sampling
during NOAA Fisheries Survey Cruises while reducing the re-
sources associated with post-collection filtration of thousands
of samples per cruise. A programmable instrument capable of
filtering and preserving 3 samples on 47mm diameter filters,
SADIe is primarily deployed on CTD rosettes from ships; how-
ever, it can also be independently deployed to depths of 1500 m
(Parsons et al. 2022).

4.3 | Fully Autonomous Deployable Instruments

Many groups have focused on developing fully automated
submersible ‘omics-based sampling instruments. These in-
struments can collect, filter, and preserve samples at precise lo-
cations and depths without any human intervention, enhancing
the efficiency and scope of ‘omics-based research. These devices
offer the means to reach hard-to-access areas and over expanded
space and time domains compared to the systems summarized
above, providing a scalable capability for achieving a persistent
monitoring presence in aquatic environments. Looking to the
future, this class of instrument offers a means for advancing our
understanding of aquatic biodiversity and informing effective
public health and resource management strategies for applica-
tions that require having an extended, “hands-off” presence in
environments where labor and logistical constraints hamper
routine sample collections.

4.3.1 | inDEPTH—Applied Genomics (UK)

The Applied Genomics inDEPTH sampler is a compact, pro-
grammable device capable of filtering a single large volume
sample (up to 50L) on custom filtration cartridges to depths up
to 6000 m (Applied Genomics Ltd 2024). It features programma-
ble sampling duration to collect time integrated samples from
hours to days. Samples collected with the inDEPTH sampler
have been utilized for eDNA monitoring of inshore fish popu-
lations utilizing metabarcoding of mitochondrial cytochrome B
(cytB) (Marsh 2020; Mynott and Marsh 2020). These results sug-
gest the potential for detecting changes in fish communities over
large spatial scales with consistent temporal sampling. The in-
DEPTH instrumentation is currently available through Applied
Genomics as a service, which provides instrumentation rental
and deployment along with sample processing, analytical, and
data solutions.
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4.3.2 | EMusS and Quokka—CSIRO (AUS)

The EMuS and Quokka are automated eDNA sampling instru-
ments under development by the Australian National Science
Agency, the Commonwealth Scientific and Industrial Research
Organization (CSIRO). The Quokka is designed for ship-board
sampling, and the EMusS for in-water sampling (P. Craw, per-
sonal communication, November 2023). Both instruments au-
tomate sample filtration and preservation of 24 samples. The
“EMus vessel” version utilizes flexible filter connections capable
of accepting a range of filter types, including Sterivex or 47mm
filter housings, while “EMuS” is restricted to Sterivex filters only
due to instrument size constraints. The Quokka is designed to
automate eDNA sampling and preservation from a vessel's un-
derway water system to ease the collection and staffing needs for
eDNA collections aboard ships. EMuS was designed for in-water
sampling to a depth of 20m and has been deployed on moorings
and above-water infrastructure (P. Craw, personal communica-
tion, November 2023).

4.3.3 | RoCSI—NOC/McLane Labs (UK/US)

The Robotic Cartridge Sampling Instrument (RoCSI) devel-
oped at the National Oceanography Centre (NOC) is commer-
cially available through McLane Research Labs. It filters and
preserves up to 48 samples on a continuous bandolier of car-
tridges. Technically, the number of samples is only restricted
by the storage space (J. Robidart, personal communication,
November 2023). The instrument utilizes Sterivex filters to
which a liquid preservative is applied upstream of a return for
shore-side interrogation. It also includes an optional program-
mable dilute-bleach decontamination step to reduce sample-to-
sample contamination. The RoCSI is rated to 6000m and has
been deployed on the ROV Isis (The National Oceanography
Centre 2023), the Autosub 6000 and Autosub Long Range
AUVs, and utilized to sample underway flowing seawater from
research vessels (Huvenne 2024). The instrument has been
utilized to characterize N2-fixing communities in the North
Atlantic Ocean, where 1.5 to 4L water samples were collected
and preserved for laboratory qPCR and high-throughput se-
quencing of nifH, 16S, and 18S rRNA genes (Tang et al. 2020).
gPCR-derived nifH quantifications in this study were consistent
between RoCSI- and manually-collected samples filtered with a
peristaltic pump.

4.3.4 | ATGC—JAMSTEC (JPN)

The Japan Agency for Marine-Earth Science and Technology
(JAMSTEC) has developed the Automated Gene Collector
(ATGC) to enhance the efficiency of eDNA sample collection
from aquatic environments. This instrument, characterized by
its compact design, utilizes 3D printing technology to integrate
12 Sterivex filters (Fukuba et al. 2022). It employs a valveless pis-
ton pump coupled with a stepper motor, facilitating precise fil-
tration volumes and improved operational reliability compared
to earlier prototypes. Filter preservation is achieved using liquid-
based preservatives such as RNAlater, while decontamination
between samples is achieved by using a cleaning protocol based
on sterilized seawater. The modular design allows for scalability

in sample capacity and adaptability to various filter cartridge
types. Fukuba et al. (2022) evaluated the ATGC deployed on a
buoy and achieved a 90% DNA recovery as compared to tradi-
tional manual sampling methods. The ATGC development team
is currently extending their advancements to include an in situ
eDNA extraction and qPCR analysis system based on the ATGC
architecture (T. Fukuba, personal communication, November
2023). The improved version of this device is scheduled to be
commercially available from OceanFluidics Co. Ltd. in 2025.

4.3.5 | eDNA Sampler—Dartmouth Ocean Technologies
(CAN)

Dartmouth Ocean Technologies Inc. (DOT) and Dalhousie
University have collaborated and developed a single-person-
portable eDNA Sampler that features a modular design. This de-
vice utilizes 3independent and detachable sections that house the
filtration cartridges, electronics, and fluidic storage. The DOT
eDNA Sampler is compact in design and can collect up to 9 sam-
ples using 25 mm filter housings (Hendricks et al. 2023). This de-
vice provides preservation and decontamination capabilities in
the form of liquid reagents (e.g., RNAlater and 5% Hydrochloric
Acid). The modular design of the filter cartridge housing allows
for quick servicing and resupply. Further, the modularity of the
DOT design enables different filters to be adapted to the sampler
fluid automation section with a custom cartridge or filter holder.
For instance, the DOT and NatureMetrics (NM) version of the
sampler houses 9 of the NM 50 mm diameter filters for increased
volume filtering capabilities (5L) (Luy et al. 2024). All versions
of the DOT eDNA sampler are available in 3 depth configura-
tions for 20m, 200m, and 3000 m. Field tests of the instrumen-
tation alongside Niskin sampling and manual filtration methods
revealed the DOT eDNA sampler recovered similar communi-
ties and counts of 16S rRNA amplicon sequence variants (ASVs)
(Hendricks et al. 2023). Deployment of the DOT sampler for
over 3 months showed effective DNA preservation, demonstrat-
ing the DOT sampler is suitable for long-term deployments (Van
Wyngaarden et al. 2024).

4.3.6 | Oceanics-WHOI MultiSampler—Woods Hole
Oceanographic Institution (WHOI) and Oceanic Labs
(USA)

The Oceanics-WHOI eDNA sampling instrument is designed
for the collection of eDNA samples from marine environments,
particularly in the deep sea. This instrument can collect up to
16 samples per unit utilizing either Pall Mini Kleenpak filters or
Waterra filter cartridges with a maximum flow rate of ~2 L/min
(A. Govindarajan, personal communication, November 2023).
Filtration time is adjustable with no maximum limit but is typi-
cally set at 15-20 min. Depending on deployment configuration,
up to 3 sampler units can be potentially integrated for a max-
imum of 48 samples (Govindarajan et al. 2023). The sampling
system is depth-rated to 1000m and has been deployed on a
number of oceanographic platforms, such as the Deep-See towed
vehicle, the AUV Mesobot, and ROVs SuBastion and Hercules,
and a CTD rosette (Govindarajan et al. 2023; Wagner 2023).
The original version of this instrument was deployed alongside
traditional Niskin sampling to assess the recovery of 18S rRNA
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metabarcoding ASVs, revealing the importance of acquiring
large volume water samples in the mesopelagic and deep sea
(Govindarajan et al. 2022). During recent Mesobot expeditions,
sampling was initiated via communications from the auton-
omous surface vehicle DriX (Hayden et al. 2023; Mayer and
Schmidt 2023).

4.3.7 | Biosampler IS-ABS—INSEC TEC (PRT)

The Biosampler IS-ABS was developed through the Institute for
Systems and Computer Engineering, Technology and Science
(INESC TEC) and the Interdisciplinary Centre of Marine and
Environmental Research (CIIMAR), and represents an updated
version of the In situ Automatic Bio-sampler System (IS-ABS)
(Carneiro et al. 2023; Ribeiro et al. 2019). The instrument was
specifically designed for incorporation into autonomous vehicle
platforms with a depth rating of 150 m. It utilizes Sterivex filters
to collect up to 16 samples and incorporates a liquid preserva-
tion protocol for the stabilization of nucleic acids. The original
IS-ABS unit was validated using parallel laboratory vacuum
filtrations, followed by 16S and 18S rRNA metabarcoding. The
validation results revealed the IS-ABS filtered the same (3 L) vol-
ume of water twice as fast as conventional filtration methods
and provided equivalent recoveries of DNA. Additionally, 16S
and 18S rRNA metabarcoding revealed that the IS-ABS pro-
vides similar community and taxonomic composition for both
prokaryote and eukaryote populations (Ribeiro et al. 2019).
The Bio-sampler IS-ABS has recently been deployed aboard the
AUV IRIS for collection of eDNA samples in remote Arctic wa-
ters (INESC Brussels 2024; Martins et al. 2020). Currently, the
instrument has a depth rating of 150m, with a 1000m depth-
rating design in progress (A. Martins, personal communication,
January 2024).

4.3.8 | Environmental Sample Processor 2nd, 3rd
Generations and Filtering Instrument for DNA
Observation (FIDO)—MBARI (USA)

The Environmental Sample Processor (ESP) is one of the pio-
neering instruments that helped to establish the feasibility of
autonomous in situ sampling and real-time molecular analyti-
cal sensing. Developed by MBARI, the ESP research and devel-
opment program began in the early 1990s to provide real-time
detection of microorganisms and biological toxins, addressing
the need for a persistent presence in the ocean capable of near
real-time analyte analyses and data dissemination (Scholin
et al. 2018). Currently, three versions of the ESP are in opera-
tion: the second and third generations, and the newly devised
Filtering Instrument for DNA Observations (FIDO) eDNA-
specific sampler (J. Birch, personal communication, November
2023). All three instruments are completely autonomous and
can be controlled and transmit data via cellular, WiFi, and sat-
ellite communications.

The second-generation ESP's (2G ESP) electromechanical fluidic
system allows users to collect and filter water samples, either
preserving them for later analysis (e.g., Ottesen et al. 2014, 2013,
2011) or immediately applying molecular detection technologies
such as quantitative PCR (qPCR) (Preston et al. 2011; Robidart

et al. 2014; Ussler et al. 2013; Yamahara et al. 2015), rRNA sand-
wich hybridization (Greenfield et al. 2008; Jones et al. 2008;
Preston et al. 2009), or competitive ELISA (Doucette et al. 2009;
Ritzenthaler et al. 2016) to identify particular microorganisms
or genes and associated toxins (metabolites). The 2G ESP utilizes
custom filtration housings (pucks) to collect either 132 (stan-
dard puck) or 198 (short puck) samples on 25mm filters (NOAA
NCCOS 2019). Sample numbers are reduced for in situ analyses,
as the filtration housings are used as reaction chambers for lysis
and processing analytical DNA and protein probe arrays. The
2G ESP has been successfully deployed in diverse marine envi-
ronments, from coastal waters to open ocean to deep-sea seeps
and hydrothermal vents (Scholin et al. 2018). More recently, the
2G ESP has been utilized in freshwater environments for mon-
itoring invasive and threatened species (Jones, Clements, and
Sepulveda 2024; Searcy et al. 2022; Sepulveda et al. 2020), as
well as cyanobacterial blooms in the Great Lakes (Ritzenthaler
et al. 2016). The 2G ESP's continuous, high-resolution monitor-
ing capabilities have contributed valuable data for basic research
as well as applied public health and resource management
initiatives.

Building on these successes, the 3G ESP incorporates a reduction
in size with its development oriented towards use onboard auton-
omous platforms for mobile operations (Pargett et al. 2015). The
3G ESP operates based on a cartridge and toroidal ring design
that allows for the collection and processing of 60 samples with
a depth rating of 300m. Two different cartridge configurations
allow either sample preservation or in situ lysis and downstream
analytical processing. The instrumentation has been validated
for the collection and preservation of samples from marine sys-
tems using qPCR for prokaryotes and eukaryotes (Yamahara
et al. 2019) and metabarcoding of rRNA 12S and 16S, mitochon-
drial CO1, and nuclear 18S rRNA (Truelove et al. 2022), as well
as from freshwater systems (Den Uyl et al. 2022). The 3G ESP
has been deployed on a number of uncrewed platforms (UxS) in-
cluding MBARI's Long Range Autonomous Underwater Vehicle
(LRAUYV; Den Uyl et al. 2022; Truelove et al. 2022; Yamahara
et al. 2019; Zhang, Ryan, et al. 2021), Saildrone's Surveyor
Autonomous Surface Vehicle (ASV; Preston et al. 2024), and the
SeaTrac ASV (NOAA NCCOS 2024). A mobile capability that al-
lows for event response affords opportunities for targeting sam-
ple collections in dynamic environments over large spatial areas
and extended periods of time. Additionally, the 3G ESP func-
tions as an ecogenomic sensor with near real-time in situ anal-
ysis of microcystin toxins in Lake Erie (Ussler III et al. 2024) as
well as domoic acid in marine settings (B. Ussler, personal com-
munication, November 2023, (NOAA NCCOS 2023)).

While not the original intent of the device, the 2G ESP has been
used to successfully demonstrate the utility of high frequency,
long duration automated eDNA sampling in freshwater systems
(Searcy et al. 2022; Sepulveda et al. 2020). Although effective for
demonstration purposes, that device enables more analytical ca-
pabilities and meets strict requirements for ocean deployments
that are not required for these specific freshwater use cases (e.g.,
shore-side eDNA preservation). The experience gained pointed
to a need for simplified and cost effective eDNA sampling in-
strumentation that led to the development of the Filtration
Instrument for DNA Observations (FIDO) instrument. FIDO
is currently in development for use with the US Geological
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Survey's Early Detection and Rapid Response framework (Jones,
Augustine, et al. 2024) and is tailored for shore-based lentic and
lotic deployments. FIDO's core design objectives include high-
capacity sampling, full autonomy, and user-friendly functional-
ity. FIDO is engineered to procure 144 samples through 47mm
user-defined filters with liquid preservation (J. Birch, personal
communication, July 2024). To facilitate easy access and com-
munication with the instrument, a web-based graphical user
interface (GUI) has been crafted, utilizing WiFi, cellular, and
satellite connectivity for remote command and control. FIDO
has also recently been deployed onboard a crewed vessel for
sample collection using the ships flow-through seawater system
(J. Birch, personal communication, May, 2025).

5 | Other Samplers and Ecogenomic Sensors

There has been a surge in the development of new deployable
'omics instrumentation in recent years, with some presented
only online at the time of this publication, with limited details
and technical performance specifications. Efforts to develop
these instruments are duly acknowledged, and their success-
ful demonstration in the future is eagerly anticipated. The most
advanced of these instruments is the Nucleic Sensing Systems
Tracker (NS2), which offers real-time eDNA analytical capabil-
ities by targeting “free-eDNA” (Nucleic Sensing Systems 2024).
Aquatic Labs has developed the Pufferfish instrument family
for eDNA sample collections. The Pufferfish is advertised as an
easy-to-use, compact, and adaptive system for the collection and
preservation of up to 192 eDNA samples (Aquatic Labs 2024),
and has been deployed on ROVs and profilers (Govindarajan
et al. 2025). Through Citizens of the Sea, theDNAutic is a citizen
science sampler that has been developed for eDNA collection
on racing yachts in conjunction with Sequench Ltd. (Citizens of
the Sea 2025). As eDNA methods become more integral to rou-
tine monitoring and resource management, and the demand for
eDNA collection and analysis increases on a commercial scale,
new samplers and ecogenomic sensor systems are sure to arise.

6 | Emerging Analytical Capabilities

The majority of the recent engineering efforts have focused on
the “front-end” of eDNA workflows (i.e., sampling, filtration
and preservation), with the return of samples for subsequent
laboratory-based processing. There are only a few instruments
that have achieved in situ, real-time analytical capability as
chronicled in peer-reviewed literature (ESP, AMG, and IISA-
Gene). These devices vary in complexity and cost depending
on the specific use case, technical requirements, and the con-
textual data needed for deployment. While some systems may
have higher operational costs, they should be evaluated in com-
parison to manual alternatives, including the requirements for
accessing sample locations, on a per-sample basis to assess their
overall cost-effectiveness given specific use cases. Purpose-built
devices designed for particular applications can optimize this
balance—some use cases may never allow for extremely low-
cost solutions, while others may benefit from significant cost
reductions. Advancements in technologies such as microfluidic
systems and material science and manufacturing are enabling
the development of new in situ analytical systems at smaller

scales with the potential for mass production. For example,
nanopore sequencing, CRISPR-based detection systems, digital
PCR, and isothermal techniques offer opportunities for enhanc-
ing the sensitivity, specificity, and efficiency of eDNA detection
both in a laboratory and remotely in situ. Although these ana-
lytical technologies show great promise, many remain in pro-
totype or early deployment stages. Significant miniaturization,
numerous engineering refinements, and extensive validation ex-
periments are needed before they become broadly accessible for
routine field use, especially in the context of fully autonomous
systems capable of extended field deployments.

Although technologically challenging, the use of qPCR to detect
a variety of targets in situ, in near real-time, was proven feasi-
ble roughly 15years ago using the 2nd generation ESP (Preston
et al. 2011). This device utilized a chaotrope-based sample lysis
protocol that provided input material for both sandwich hybrid-
ization DNA probe arrays for detecting specific rRNA targets
as well as for qPCR. For the latter, a portion of the lysate was
passed to a specialized fluidic system that purified DNA and
then manipulated microliter quantities of extracted DNA and
reagents (primer/probe, polymerase) in order to perform qPCR
assays serially using a custom-built thermal cycler and optical
detection system (Preston et al. 2011). This low-power system
was capable of conducting up to six assays per sample but was
technically difficult to set up and operate.

More recently, biotechnology innovations are renewing interest
in PCR-based devices by coupling lab-on-a-chip devices with
point-of-care medical diagnostics. Lab-on-a-chip (LOC) tech-
nologies are enabling the development of miniaturized PCR
instrumentation, such as the IISA-gene instrument, which has
been successfully deployed on an ROV to amplify 16S rRNA
genes at deep sea hydrothermal vents (Fukuba and Fujii 2021).
Prototypes of microfluidic qPCR instruments currently in de-
velopment include JAMSTEC's eDNA analyzer (T. Fukuba, per-
sonal communication, November 2023) and Dartmouth Ocean
Technology in situ qPCR module (Sonnichsen et al. 2024). The
eDNA analyzer capitalizes on LOC microfluidics and advanced
Peltier cooling to analyze up to 12 samples. DOT's eDNA qPCR
module is being developed for incorporation into its eDNA sam-
pler and features amplification via 9 qPCR chambers on a lab-
on-chip, housed in an A-sized sonobuoy form factor submersible
instrument (i.e., a cylindrical canister approximately 4.875in. in
diameter and 36in. in length; V. Sieben, personal communica-
tion, November 2023). Digital PCR is an emerging technology
that uses microliter-scale reaction volumes, provides quantita-
tive results without standard curves, and is compatible with lab-
on-a-chip devices (Xu et al. 2023) consistent with ecogenomic
sensor applications (Hatch et al. 2014).

Portable nanopore sequencing has been successfully used to se-
quence eDNA in the field (Edwards et al. 2022; Krehenwinkel
et al. 2019; Pomerantz et al. 2018). Field portable sequencing
methodologies have been demonstrated on-board open-ocean
research vessels for the detection of white sharks and could
be used to improve sampling strategies while at sea (Truelove
et al. 2019). The miniaturization of the technology, for exam-
ple with devices like Oxford Nanopore's MinION, is stimulat-
ing the development of lab-on-chip systems that can accept a
sample homogenate from an upstream sampler, carry out PCR
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for metabarcoding, and complete library preparation for subse-
quent MinION sequencing in situ (P. Thielen, personal commu-
nication, November 2023). Given the enormous data generated
through sequencing, in situ sequencing will require low power
on-board processing capabilities that enable real-time data anal-
ysis in order to transmit manageable data packets over low band-
width communications links typical of those currently used for
remotely deployed platforms (Morganti et al. 2018).

Isothermal amplification methods and point of care (POC) di-
agnostics are increasingly being applied in eDNA use cases.
Biosecurity surveillance is one area these methods have gar-
nered considerable attention for rapid analysis to inform action-
able decision making (Bowers et al. 2021; Williams et al. 2017).
Loop-mediated isothermal amplification (LAMP) and recombi-
nase polymerase amplification (RPA) are well suited for in situ
diagnostics because they do not require thermal cycling and
operate at much lower temperatures than other methods, reduc-
ing power consumption and technical complexity. Additionally,
these isothermal methods are amenable to CRISPR-based detec-
tion systems, which have been shown to be rapid, highly sensi-
tive, and specific (Baerwald et al. 2023).

Portable Surface Plasmon Resonance (SPR) devices are increas-
ingly being developed for pathogen detection in water quality
and toxin analyte detection in seafood (Quintanilla-Villanueva
et al. 2023; Zhang et al. 2016). Recently, Ussler et al. utilized a
portable SPR device for in situ detection of cyanobacterial mi-
crocystins on-board the 3G-ESP coupled to a long range AUV
(Ussler et al. 2024). However, the current deployable SPR de-
vice is limited in its dynamic range and number of analytes that
can be sensed from a given sample. Next generation optical and
nanophotonic biosensors potentially offer a much more inno-
vative means for detecting biological targets in situ. This class
of sensors can support the detection of multiple analytes simul-
taneously or serially, which the current deployable SPR system
cannot. These sensors leverage a range of photonic technologies,
such as fluorescence, surface plasmon resonance, and Raman
spectroscopy, to detect changes in light properties—intensity,
wavelength, or polarization—upon interaction with target mol-
ecules (Javaid et al. 2024). The integration of nanomaterials and
innovative surface chemistries enhances the selectivity and sen-
sitivity of these sensors, enabling rapid, real-time analysis with
minimal sample preparation and allowing detection of low-
abundance targets in complex matrices. Miniaturized optical
sensors utilizing nanophotonics are being developed to increase
the selective, rapid, and sensitive detection of biomolecules in
marine ecosystems (Balch et al. 2024). A major advantage of
optical biosensors is the capacity for device regeneration, which
provides the ability for continuous measurements without em-
ploying additional consumables (Park et al. 2022; Vashist 2012),
which is ideal for incorporation with ecogenomic sensors.

7 | Use Cases, Applications, and Deployment
Platforms

Autonomous eDNA sampling instrumentation and ecogenomic
sensors have the potential to transform the field of ecological
monitoring and biodiversity assessment. These technologies ad-
dress a diverse suite of use cases, including tracking biodiversity,

detecting invasive species, monitoring water quality, managing
endangered species, and assessing ecosystem health across var-
ious habitats. They are particularly valuable for use in remote or
hazardous locations where traditional sampling methods are lo-
gistically difficult or impractical. Platforms for deploying these
instruments are equally diverse—ranging from benthic landers
and stationary moorings to ROVs and UxS (AUVs, ASVs)—all of
which allow for flexible and targeted environmental monitoring
across a wide variety of operational settings. Such technical and
operational advancements are opening a new era of persistent
and high-resolution temporal and spatial sampling that will be
essential for scaling the application of eDNA observations in the
future.

Instrument selection must be grounded in the intended use case,
environmental context, and deployment logistics. Given the
growing variety of instruments available and the wide range of
emergent use cases, it is unlikely that any single device will ever
be universally superior. Matching the right tool to the task de-
mands collaboration between end users and engineers to align
sampling requirements with specific capabilities. End users face
numerous choices in defining these requirements in relation to
situation-specific tradeoffs, such as sample collection depth(s),
volume, frequency, replicates, and spatial coverage, as well as
practical limitations tied to cost, logistics, and operational dura-
tion. Similarly, instrument developers must navigate technologi-
cal limitations and competing design priorities, which are rarely
aligned with all user needs—particularly for remotely operable
or autonomous deployments.

One approach to facilitate alignment is to group instrumen-
tation by generalized categories of use cases—for example,
surface, midwater, deep water; mobile or stationary; short- or
long-duration—alongside performance and logistical charac-
teristics. For instance, some applications benefit from event-
triggered sampling or adaptive scheduling, while others rely on
predetermined sampling intervals or fixed-depth deployments.
Table 1 provides a framework that organizes available instru-
ments by shared operational attributes and deployment con-
texts, offering a high-level reference to help guide fit-for-purpose
decision-making.

A key consideration across instruments is the trade-off between
sampling frequency and deployment duration, governed by
sample capacity and autonomous capabilities. High-frequency
sampling (e.g., daily or hourly) often limits deployment length,
while long-term deployments reduce sampling rates or rely on
advanced autonomy to extend performance. These trade-offs
are central to aligning instrument capabilities with mission du-
ration, platform constraints, and monitoring goals.

In sum, end-users must clearly define their sampling objectives
and constraints with respect to actionable outcomes, while in-
strument developers must be transparent about device capabil-
ities, limitations, operational complexity, and support needs to
ensure that new instruments are fit-for-purpose or that existing
tools are appropriately matched to use cases. Instrument per-
formance alone does not determine suitability—deployment
platform compatibility, environmental conditions, and mission
duration all play decisive roles. For example, ship-based biodi-
versity observations that leverage flow-through seawater access
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offer opportunities to reduce instrument complexity and cost,
with the added benefit of human oversight during deployment
and recovery. In contrast, use cases that demand strict hands-
off operation under more extreme conditions or over extended
durations introduce added complexity and increase the proba-
bility of failure—necessitating autonomous fault tolerance and
redundancy. One approach to coordinate feature prioritization
is MoSCoW (Must have, Should have, Could have and Wont
have) analysis (Clegg and Barker 1994). Such an approach could
provide a standardized means for gathering input from intended
end-user groups to more systematically determine essential
sampling or analysis requirements.

In addition to meeting end users' needs for first-order sample
acquisition (e.g., sample volume, filter size/type, depth, etc.),
the combined use of eDNA sampling instrumentation with a
variety of oceanographic platforms has significantly enhanced
capabilities for observing and monitoring marine ecosystems
in ways that were not possible until recently. A number of in-
struments have been integrated with autonomous and remotely
operated vehicles (Figure 4) to provide comprehensive and
multi-dimensional data collection. This integration allows for
simultaneous gathering of genetic material and water column
parameters such as temperature, salinity, and current patterns,
providing a holistic view of the marine environment. For ex-
ample, ROVs equipped with eDNA samplers can target specific
deep-sea locations (Govindarajan et al. 2025; Satoh et al. 2025;
The National Oceanography Centre 2023), while AUVs can per-
form extensive, long-duration missions across the ocean's depths
(Aquatic Sensors 2024; Den Uyl et al. 2022; Truelove et al. 2022;
Yamahara et al. 2019; Zhang, Ryan, et al. 2021). Autonomous
surface vehicles enable broad, surface-level monitoring, partic-
ularly in remote areas (NOAA AOML Communications 2023;
ON&T 2024; Preston et al. 2024). Moorings, as a backbone of

sustained ocean observing systems, present an ideal platform
for eDNA integration—supporting continuous, co-located bio-
logical and environmental measurements. Moored systems may
relax constraints on size, weight, and power, allowing for de-
ployment of more complex or higher throughput sampling sys-
tems, enabling extended operation and high-resolution temporal
data. The versatility in platform availability ensures that eDNA
sampling can be conducted in diverse and challenging settings,
from coastal zones to the deep ocean, leading to more accurate
and detailed assessments of biodiversity, ecosystem health,
and the detection of both native and invasive species. The au-
tonomous nature of these platforms also allows for continuous,
high-resolution data collection, reducing the need for human
intervention and enabling more efficient monitoring operations.
However, the integration of samplers and deployment platforms
often requires platform-specific engineering adaptations, and
the suitability of a given instrument is highly dependent on
compatibility with platform constraints such as power, size, data
handling capacity, stability, etc. Again, no one-size-fits-all.

While this review summarizes technical capabilities and de-
ployment characteristics, cost was not explicitly assessed, as it is
highly use-case dependent. Sampling depth, mobility, platform
constraints, and required contextual data all influence total op-
erational costs. The goal remains to reduce cost and complexity
while maximizing reliability and usability—but instruments
must still meet specific deployment requirements. Ultimately,
instrument selection must be grounded in the intended use case,
environmental context, and deployment logistics—but no mat-
ter the scenario, platform compatibility remains a defining con-
straint. Nearly all deployments currently require some level of
customization, and despite promising advances in modularity
and interoperability, there remains no one-size-fits-all approach.
Purpose-built devices tailored to specific applications continue

FIGURE4 | Images of autonomous platforms with autonomously deployed 'omics-based sampling systems and ecogenomics sensors. (A) Autosub

6000 containing a RoCSI (Matt Kingsland, 2022), (B) LRAUV with a 3G-ESP (MBARI, 2016), (C) IRIS with IS-ABS (Alfredo Martin), (D) Okinawa
MiniROV with two Samplers, (E) Mesobot with a WHOI-Oceanic Labs multisampler (F) CLIO and SUPR, (G) A SeaTrac ASV (SeaTrac Systems) and
(H) Saildrone Surveyor, both carrying a 3G ESP. Image Attributions/Credits are listed in parentheses above. Images (E, F and H) were sourced from
published journal articles!3, no modifications of the images were made. Image (C, D and G) used in this figure are sourced from publicly available
phys.org and glos.org websites: Image C ©INESC Brussels Hub, 2024, Image D ©Okinawa Institute of Science and Technology, 2024 and Image G
©SeaTrac Systems, 2021.
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to offer the most practical path forward. Acknowledging these
limitations is essential for setting realistic expectations and for
planning the true cost—financial, technical, and logistical—of
deploying molecular observation technologies at scale.

8 | Challenges and Barriers: Developmental Gaps
and Needs

While the potential of new eDNA instrumentation is very prom-
ising, there still are many challenges and barriers to both in-
strument development and uptake. Trust and validation remain
some of the largest challenges, particularly because there is not
necessarily a “gold standard” to compare to and that it can be
difficult to parse differences between samples due to sampling
instrumentation versus true biological variation and observa-
tion variance. Technology Readiness is typically defined for spe-
cific use cases, and requirements for invasive species detection,
for example, are distinct from biodiversity assessments, each
requiring independent investment for evaluation. Finally, some
of the different types of instruments discussed above have fun-
damentally different sampling mechanisms where some collect
a nearly instantaneous water sample, while others collect time
or space (or both) integrated samples. Here, we discuss some
of these challenges and barriers and suggestions for moving
forward.

8.1 | Validation, Deployment Controls
and Standard Reporting Metrics

Transparency is key to building trust and uptake of eDNA in-
strumentation as instrument development progresses. This
requires developers to adequately test and validate instrumenta-
tion and report these results in an accessible manner (e.g., open-
access peer-reviewed publication or technical specifications
data sheet). Reporting instrumentation accuracy and precision,
as well as points of failure such as propensity for contamination
and limited sample stability, will give end-users the ability to as-
sess instrument capability and applicability relative to meeting
their specific needs.

One important aspect of deploying autonomous samplers and
ecogenomic sensors is incorporating both positive and negative
controls in order to fully evaluate the validity of material and/
or data returned. In some cases, it is desirable to run controls
while the instrument is deployed, to ensure it is operating prop-
erly. Positive controls provide information on both instrument
state and confidence that negative results are truly negative
(i.e., not false-negatives or degradation of the signal) over the
course of a deployment. Negative controls assess the cleanliness
of an instrument during a deployment and provide critical in-
formation about sample cross- and/or carry-over contamination.
Guidelines have not been established on the number and timing
of controls, but these are essential in providing transparency for
the adoption of eDNA instrumentation on larger scales.

There are currently no standard protocols for validating auton-
omous environmental DNA (eDNA) instruments, including the
processes of filtration, nucleic acid extraction, and in situ an-
alytical techniques. It is also important to recognize that even

traditional eDNA sampling methods often lack full standard-
ization, with variability in protocols depending on target taxa,
sampling environment, and regional practices. The absence
of standardized validation protocols presents challenges, par-
ticularly the risk of variability in data quality and reporting,
which can compromise result comparability across different
instruments and applications, and thus widespread adoption.
Validation is still reliant on accepted standard protocols from
the end-user community, which can vary depending on the tar-
get species or use case in question. Moreover, there is a need for
standardized reference material (e.g., cell lines or mock commu-
nities) that would enable validation from sampling to analysis
irrespective of the system and analytical approach employed.
Until those community standard protocols and reference sam-
ples are established, it is recommended that instrument devel-
opers utilize protocols that are in widespread use to benchmark
and validate their instrumentation processes.

Device specification reporting for autonomous eDNA instru-
mentation is currently underdeveloped and lacks standard-
ization. Reported specifications should encompass critical
metrics such as sensitivity, specificity, detection limits, sample
throughput, operational range, and environmental tolerances.
The absence of standardized reporting metrics poses significant
challenges by preventing meaningful comparisons between
different instruments and hindering the assessment of their
suitability for various applications. In parallel, the eDNA com-
munity is advancing efforts to standardize data and metadata
reporting (e.g., FAIR principles, MIxS, Darwin Core) (Berry
et al. 2021; Takahashi et al. 2024), and engineering technolo-
gies can play an active role in supporting and accelerating these
developments. For instance, enabling instruments to export
standardized output formats—such as EMMI-formatted files
for qPCR data—could facilitate alignment with global reposito-
ries like NCBI SRA and GBIF, while simplifying metadata man-
agement for users. Minimum reporting metrics are essential to
ensure transparency, reproducibility, and reliability in the de-
ployment of autonomous eDNA systems. Engaging the instru-
mentation community in these emerging standards discussions
will help ensure that technologies are not only analytically ro-
bust but also interoperable, archivable, and scalable for long-
term biodiversity monitoring.

To promote transparency, interoperability, and reproducibility
in marine 'omics instrumentation, the adoption of a community-
driven specification reporting framework is recommended. A
best practices table of instrument specifications is provided in
Table S3 and S4, outlining a minimal set of standardized fields
that should be consistently reported across sampling and ana-
lytical devices to enable meaningful comparison, validation,
and integration across platforms and studies. These critical pa-
rameters encompass instrument configuration, sampling and
preservation methods, analytical performance metrics, environ-
mental operating limits, power and data handling capabilities,
and quality assurance controls including positive and negative
controls.

One way to address knowledge gaps is the development of
consensus guidelines by expert panels, the establishment of
standardized reporting frameworks and reference materials
provided by relevant scientific and regulatory bodies, and the
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promotion of open data and sample sharing practices among the
research community. Implementing these solutions would facil-
itate device comparison, improve data quality, and ultimately
enhance the credibility and effectiveness of autonomous eDNA
technologies in environmental monitoring and research.

8.2 | Standardized Interfaces

As ecogenomic sensing capabilities develop and sampling in-
strumentation advances towards commercialization, it is likely
that modularization will become the norm and thus, the need
for standard fluidic, electrical, and communication interfaces
will become essential. These interfaces are crucial for ensur-
ing interoperability among various instrument modules, such
as sample collection, filtration, lysis, analytical modules, as
well as data processing. Standardized connections would en-
able seamless integration between a diverse array of sampling
instruments, analytical devices, and oceanographic platforms,
simplifying deployments and operations. This would enhance
the reliability and reproducibility of scientific findings and ac-
celerate technological innovation.

9 | Future Perspectives and Conclusion

The development and deployment of autonomous eDNA in-
strumentation is poised to transform aquatic biodiversity
monitoring and resource management. Ongoing technological
innovation is expected to improve the sensitivity, specificity, and
operational capabilities of eDNA instruments. Realizing this po-
tential will depend on continued validation, user training, cost
optimization, and development of interoperable systems suited
to diverse deployment environments. Integration with a variety
of deployment platforms and other sensory systems, bolstered by
artificial intelligence and machine learning algorithms, will en-
hance targeted sampling and data analysis, enabling real-time
monitoring and rapid response to ecological changes absent
human-in-the-loop intervention. Additionally, advancements
in miniaturization and energy efficiency will allow for longer
deployments and broader geographic coverage, facilitating com-
prehensive and continuous environmental assessments. As we
move forward, embracing interdisciplinary approaches and fos-
tering global collaborations will be crucial to unlocking the full
potential of these technologies in real-world applications.

In conclusion, the development of autonomous eDNA sampling
technology and ecogenomic sensors holds great promise for ad-
vancing our understanding of biodiversity dynamics in aquatic
and terrestrial ecosystems. By overcoming the limitations of
traditional sampling methods, these technological innovations
offer unprecedented opportunities for comprehensive and effi-
cient biological surveys. The aim of this review was to provide
researchers, practitioners, and managers with a comprehensive
overview of the current state of autonomous eDNA sampling
technology, highlighting its potential for revolutionizing ecolog-
ical monitoring and conservation practices in the years to come.
There is no doubt that the future holds great promise, but the
field of deployable ‘omics technologies is still very much in its
infancy, and much work remains if we are to capitalize on the
full potential of what is possible.
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