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Abstract

Building stone provides a habitat for an array of microorganisms, many of which have been
demonstrated to have a deleterious effect on the appearance and/or structural integrity of
stone masonry. It is essential to understand the composition and structure of stone-dwelling
(lithobiontic) microbial communities if successful stone conservation strategies are to be
applied, particularly in the face of global environmental change. Ideally, the techniques used
to sample such assemblages should be non-destructive due to the sensitive conservation
status of many stone buildings. This paper quantitatively assesses the performance of sterile
adhesive tape as a non-destructive sampling technique and compares the results of tape
sampling with an alternative, destructive, sampling method. We used DNA fingerprinting
(TRFLP) to characterise the algal, fungal and bacterial communities living on a stone slab.
Our results demonstrate that tape sampling may be used to collect viable quantities of
microbial DNA from environmental samples. This technique is ideally suited to the sampling
of microbial biofilms, particularly when these communities are dominated by green algae. It
provides a good approximation of total community diversity (i.e. the aggregate diversity of
epilithic and endolithic communities). Tape sampling is straightforward, rapid and cost
effective. When combined with molecular analytical techniques, this sampling method has
the potential to make a major contribution to efforts to understand the structure of lithobiontic
microbial communities and our ability to predict the response of such communities to future

environmental change.

Keywords: Microbial biofilms; eplithic and endolithic microbial communities; green algae,
TRFLP





1. Introduction

Building stone has long been recognised as a habitat for microscopic, rock-dwelling
(lithobiontic) prokaryotes (principally bacteria) and eukaryotes (notably fungi and green algae)
(May et al., 1993, McNamara and Mitchell, 2005, Scheerer et al., 2009, Warscheid and
Braams, 2000). These microbes can make a significant contribution to the deterioration of
building stone, with implications for building designers, conservators and managers. The
deleterious impacts of microbial activity mainly concern the physical disintegration of the
stone due to the action of corrosive metabolic products and changes in surface colour and
texture resulting from the growth of biofilms (Gaylarde et al., 2003, Griffin et al., 1991). Whilst
some laboratory work has been carried on elucidating the mechanisms by which microbes
contribute to stone deterioration, very little is known about the microbial ecology of building
stone habitats. Lithobiontic community structure, species richness and diversity are, for the
most part, poorly understood (Cutler and Viles, 2010). In order to address this knowledge
gap, it is necessary to develop straightforward, affordable and, most importantly, non-
destructive protocols for the collection of environmental samples from stone buildings. The
overall aim of this paper was therefore to quantitatively assess the performance of a non-
destructive sampling technique (sterile adhesive tape) in the collection of microbial samples
from stone. We wanted to establish 1) whether sterile tape could collect viable quantities of
microbial DNA for molecular analysis and, if so, 2) how representative tape samples were of

the whole lithobiontic microbial community.

Traditional methods of sampling the microbial communities of building stone have involved
the collection of stone chips or flakes. However, it is not always possible or desirable to
obtain solid chips of stone from structures with a sensitive conservation status. Furthermore,
it can be difficult to chisel chips from flat (ashlar) stone surfaces. Non-destructive sampling
techniques have been utilized by a small number of researchers. Sterile adhesive tape, for
example, has been used to collect microbial samples for microscopic analysis (Gaylarde et
al., 2006, Urzi and De Leo, 2001). La Cono and Urzi (2003) extended the technique to the
sampling of stone for molecular analysis, although their study was restricted to the
identification of a limited range of bacteria using fluorescent in situ hybridisation (FISH). In
addition to being non-destructive, tape sampling is simple, quick and comparatively cheap.
Tape sampling is flexible enough to overcome difficulties associated with sampling from
stone with complex surface features and would appear to have great potential in the study of
lithobiontic microbial assemblages. However, it is known that many lithobiontic microbes live
partly or wholly below the stone surface. Euendolithic microbes actively bore tunnels into

stone, chasmoendoliths live in fissures and cracks and cryptoendolithic microbes occupy





pore spaces below the surface (Scheerer, et al., 2009, Viles, 1995) (Fig. 1). Given this
variation in lithobiontic niches, tape sampling may be limited in that it can only sample easily
extractable organisms at the surface of the stone (epiliths and, possibly, some euendotliths
and chasmoliths). Therefore, whilst adhesive tape may be satisfactory for sampling
microorganisms at or near the stone surface, it may not give a reliable picture of taxa living
deeper within the stone. The efficacy of tape sampling in obtaining representative samples of

lithobiontic communities is currently unknown.

In order to test the performance of tape sampling, we compared the results of the molecular
analysis of adhesive tape samples with those based on stone fragments (chips) of similar
surface area from the same substrate. We studied the three main groups of microorganism
living on building stone (algae, fungi and bacteria). To our knowledge, this is the first
comparative analysis of the performance of destructive and non-destructive sampling
techniques applied to stone. We anticipated that stone chip samples would produce a
significantly higher yield of DNA and more successful polymerase chain reactions (PCRs),
due to their greater volume (and, by inference, greater microbial biomass). We also assumed
that the stone chips would provide a representative snapshot of the microbial assemblage
across a depth gradient of a few millimetres. We investigated the depth structure of the
lithobiontic community by comparing the results of molecular analyses performed on tape
and chip samples. We hypothesised that stone chip samples would exhibit greater taxonomic
richness than tape samples, as they would encompass all of the lithobiontic habitats (H1).
We also hypothesised that whilst the algal communities in the tape and chip samples would
be similar (due to the known preponderance of algae in surface biofilms), tape and chip
samples would be dissimilar for the fungi and bacteria (due to the presence of distinct

epilithic and endolithic communities) (H2).

Fig. 1: Diagrammatic section through a block of building stone

2. Materials and Methods

2.1 Sampling

The samples used in this study were collected from a York Stone slab with obvious biological
growth across its surface (Fig. 2a). York Stone is a fine-grained, Carboniferous sandstone
known for its durability that is widely used in the construction of buildings. The slab measured
570 x 385 x 50 mm thick and had a smooth, sawn surface. It had been stored, laid flat, in a
stonemason’s yard in Oxford, UK. The slab had remained largely undisturbed for at least four

years prior to sampling.





Samples were collected from the slab using both destructive and non-destructive techniques.
Non-destructive sampling involved the use of Fungi-Tape™ (Scientific Device Laboratory,
Des Plaines, IL), a sterile adhesive tape applied to the surface of the stone. Destructive
sampling involved chiselling chips from the stone surface. In the following description,
‘sample type’ refers to tape and/or chip samples. Prior to sampling, the surface of the slab
was divided into a 6 x 8 grid of sample locations, each measuring 30 x 30 mm and separated
from neighbouring sample locations by a buffer zone of 25 mm (Fig. 2b). Each location was
first sampled with adhesive tape (48 replicate samples). The tape was supplied in pre-cut
sections, each 70 mm long x 25 mm wide, fixed on a waxed-paper backing. ‘Target’ and

‘handling’ zones were marked on each tape section using a permanent marker pen (Fig. 2c).

Fig. 2: Sampling the stone slab

Dust on the surface of the slab was removed with a compressed air jet. The tape strips were
removed from their waxed paper backing and lightly pressed onto the stone surface, placing
the target area on the tape in the centre of the sampling location marked on the stone. The
tape was in contact with the stone surface for approximately 5 s. The tape was then removed,
replaced on the same waxed backing, sealed in a sterile bag and stored at -20°C prior to
analysis. The tape was manipulated using the handling zone (the target zone was not

touched); nitrile gloves were worn at all times during the sampling.

After tape sampling, the surface of the slab was cut along the grid lines to a depth of 25 mm
with an angle grinder. It was not possible to conduct this operation under sterile conditions.
However, we assumed that a) heat and mechanical stress would degrade DNA on the saw
blade and saw cut and b) any unavoidable cross contamination would be superficial and
more-or-less evenly distributed across the surface of the stone. The top ~5 mm of the stone
in the sampling locations was then removed with a sterilised chisel, producing a flake
measuring 25 x 25 x 5 mm thick (approx.), giving 48 chip samples and 96 samples (tape and
chip) in total. We assumed that the tape sampling would not remove all of the eplithic
microbes and that the chip samples would be representative of both epilithic and endolithic

microbial assemblages.

2.2 Molecular Analysis

2.2.1 Sample processing





The stone flakes were crushed using a sterilized pestle and mortar. The target zone of the

tape samples was removed and cut into strips ¢. 2 mm wide using sterilised scissors.

2.2.2 DNA extraction

A modified CTAB extraction method (Rogers and Bendich, 1988) was used to extract DNA
from both the stone chip and tape samples. 500 pl lysis buffer (0.5% SDS, 25 mM EDTA, 20
pa/ml proteinase K) was added to c. 0.5 g ground stone or the tape strips, mixed by inversion
and incubated at 55°C for 30 minutes, mixing every 10 minutes. 100 pl of 5 M NaCl and 80 ul
of 10% CTAB solution at 65°C were added and the samples incubated at 65°C for 10
minutes. 680 pl of chloroform:isoamyl alcohol (24:1) was then added; the mixture was
shaken to form an emulsion, then centrifuged for 5 minutes at 16 000 x g at 20°C. Nucleic
acids were precipitated from the aqueous layer by adding 0.6 volumes of isopropanol and 2
Ml of glycogen. The mixture was left for 2 hours at room temperature, then pelleted by
centrifugation for 30 minutes at 14 680 x g at 20°C, washed with 100 pl of 70% ethanol and
left to air dry for one hour. Pellets were resuspended in 50 pl H>O and stored at -20°C. The
DNA yield of each sample was estimated by analysing 1 pl of extract on a NanoDrop 8000™

multi-sample spectrophotometer (Thermo Scientific, Waltham, MA).

2.2.3PCR

Bacterial, fungal and algal DNA was amplified for TRFLP using PCR (refer to Table 1 for
details of the primer sets used). We used a sterile section of tape as a negative control (there
was no negative control for the stone samples) and DNA previously extracted from a stone
habitat and successfully amplified as a positive control. For bacteria, a ~500 bp region of the
16S small subunit ribosomal RNA (SSU rRNA) was amplified using primers (6FAM)63F
(Marchesi et al., 1998) and 530R (Muyzer et al., 1993). After a 2 minute pre-denaturation
phase at 94°C, PCR conditions consisted of 35 cycles of denaturation at 94°C for 1 min,
annealing at 52°C for 1 min and extension at 72°C for 3 min. For fungi, a ~700 bp region of
the 18S SSU rRNA was amplified using primers (6FAM)ITS1F and ITS4 (Gardes and Bruns,
1993, Lord et al., 2002, White et al., 1990). After a 2 minute pre-denaturation phase at 94 °C,
PCR conditions consisted of 35 cycles of denaturation at 95°C for 30 s, annealing at 53°C for

30 s min and extension at 72°C for 1 min.

There is very little published work on the amplification of green algal DNA from lithic
environmental samples. Consequently, we used 18S 1.2F, a ‘universal’ eukaryotic forward
primer (Whiting, 2002) in combination with a bespoke reverse primer. The reverse primer
was designed using nucleotide sequences held by the National Centre for Biotechnology
Information (NCBI). We targeted 18S SSU rRNA, due to the abundance of data available





from NCBI. We assembled a list of 93 species of green algae found on building stone in
western Europe, based on published sources. 18S SSU rRNA sequences were available for
47 of the 93 species; this subset included representatives from the commonly occurring UTC
(Ulvophyceans, Trebouxiophyceans and Chlorophyceans) clade, as well as the
Charophyceans (mainly represented by the genus Klebsormidium) (refer to Appendix A for
further details). All of the green algae commonly reported from building stone in temperate
locations were represented. We identified consensus regions on 34 sequences with 18S

SSU RNA data and designed a primer, ALG2R, that would generate amplicons of c. 1000

bps in combination with the primer 18S 1.2F (Table 1). The primer set was successfully
trialled on samples taken from pure cultures of the green algae Chlorella vulgaris,
Stichococcus bacillaris and Desmococcus olivaceus. The reaction conditions were as follows:
2 min pre-denaturation phase at 94 °C, followed by 35 cycles of denaturation at 95°C for 30 s,

annealing at 54°C for 30 s min and extension at 72°C for 1 min 15 s.

PCR products were purified using a QIAQuick gel extraction kit (Qiagen, Valencia, CA). The
purified DNA was then digested using restriction enzymes, in preparation for TRFLP analysis.
The enzyme Mspl (Promega, Madison, WA) was used to digest the bacterial PCR fragments.
Restriction enzymes for the 18S PCR products were selected using the online Restriction
Enzyme Mapping Application (REMA) (Szubert et al., 2007), based on an analysis of fungal
DNA sequences extracted from sandstone buildings in Belfast by the authors (unpublished
data) and the green algal sequences used to design the ALG 2R reverse primer (above). The
enzyme Haelll (Promega, Madison, WA) was selected to digest the products of the fungal
PCR; Cfol (NEB, Ipswich, MA) was used with the products of the algal PCR. In each
digestion, 20ul of the purified PCR product was digested for 4 hours at 37°C in a 30 pl total
reaction volume using 20 units restriction enzyme, 3 yl of buffer B (Promega, Madison, WA)
and 0.3 yl 10mg/ml BSA (Promega, Madison, WA). A 1 ul volume of each digest was then
combined with 0.5 ul denatured size standard (LI1Z 600 for the bacterial and fungal products,
LIZ 1200 for the algal products: Applied Biosystems, Carlsbad, CA) and 8.5 pl deionised
formamide and run on an Applied Biosystems 3730 DNA sequencer (Foster City, CA). The
sizes of restriction fragments were calculated and binned using Genemarker™
(Softgenetics®, State College, PA). Bin widths were checked and manually adjusted to
encompass all concordant peaks. To differentiate signal from background a fluorescence unit
(FU) threshold of 40 units was used to determine which peaks to include; for these peaks a
cut-off of 20 FU’s was used for a presence absence matrix. All peaks were manually checked
and were treated as unique operational taxonomic units (OTUs) in subsequent analyses. We
feel that this approach allowed us to reliably include all detected low abundance peaks in the

analysis. Total fluorescence was used as a proxy for abundance in the calculation of





Shannon diversity indices. Where used in analysis relative abundance was calculated for

each by dividing individual peak height by total sample peak height value.

Table 1: PCR primers

2.3 Data Analysis

Taxonomic diversity, expressed in terms of the Shannon index, H, was calculated for each
sample (refer to Appendix B, eq. B.1). Percent similarity (PS), an index of ecological similarity,
was used to compare communities, based on OTU abundance data from the TRFLP analysis
(Eq. B.2). We also converted the TRFLP data to a presence-absence matrix and calculated a
second dissimilarity measure, the Sgrensen coefficient (a metric for binary data that is
identical to the Bray-Curtis dissimilarity; Eqgs B.3, B.4) (Quinn and Keough, 2002, Sgrensen,
1948). The use of presence-absence (binary) data removed the effect of species abundance,
a variable which will be influenced by sampling order (i.e. one would expect tape sampling to
remove some microbial biomass). If the PS figure for presence-absence data is very much
higher than the equivalent metric including abundance, it follows that the same taxa are
present in both samples, but at very different abundances. The Sgrensen coefficient was

converted to percent similarity by subtracting the calculated value from 100.

We compared tape and chip samples from the same location as a means of assessing how
similar, on average, tape samples were to chip samples. A high degree of similarity between
tape and chip samples implies that tape sampling accurately captures the key elements of
community structure. Conversely, marked differences between tape and chip samples
indicate that the adhesive tape selectively samples from the lithobiontic community. Non-
metric multidimensional scaling (NMDS), a robust ordination technique, was used to
graphically represent the relationship of the sampling locations in terms of their community
composition. The samples were tested for homogeneity of multivariate dispersion (a critical
assumption of multivariate analysis of variance) using the betadisper function in the vegan
package, implemented in R (Oksanen et al., 2011). Differences in multivariate centroid
location between tape and chip samples were then tested using the adonis function in the

vegan package (Oksanen, et al., 2011).

3. Results





3.1 Viability: DNA extraction and amplification

Gel electrophoresis indicated that DNA was obtained from 92% of tape samples and 90% of
the chip samples. The DNA bands for the tape samples were generally fainter than those for
the chip samples and this difference was reflected in the DNA concentrations obtained from
the Nanodrop analysis (Table 2). Mean DNA concentrations for the chip samples were
significantly higher than those for the tape samples (t-test: t =-3.3, p = 0.001). The
distribution of the DNA concentrations in the tape samples was approximately normal; in
contrast, the concentrations from the chip samples had a strong positive skew due to three
anomalously high values (~200 ng/ul). PCRs involving these outlying samples (see below)
consistently failed, suggesting that the apparently high DNA concentrations were due to the
presence of impurities that inhibited the PCR. When the outlying values were removed, the
mean DNA concentration of the chip samples was still significantly higher than the mean

tape concentration (t = -2.8, p = 0.006).

Table 2: DNA extraction & PCR results

The success rate of the DNA extraction process and the concentrations of DNA obtained
varied across the surface of the stone slab. Extraction success rate was high for sampling
locations 1-24 in both the tape and chip samples (100% and 92%, respectively); the success
rate was lower in samples 25-48 (83% and 79%). For tape samples, there was no difference
between the DNA concentrations in locations 1-24 and those in locations 25-48 (t-test: t = 1.2,
p = 0.2). However, for chip samples the mean DNA concentration in locations 1-24 was
significantly higher than that in locations 25-48 (t-test: t = 2.3; p = 0.03). This difference was

still significant when outlying values were removed as above (t-test: t = 2.2; p = 0.04).

Gel electrophoresis indicated that the success rate of the PCRs was relatively high for all
three primer sets, ranging between 79 and 89% (Table 2). The positive control samples were
strong and there was no evidence of contamination in the negative control. The success rate
for tape samples was consistently higher than that for chip samples. The success of the
PCRs varied with sampling location. In four of the six sample-type/primer combinations the
success rate of samples from locations 1-24 was higher than that for locations 25-48. The
success rate was the same for the 63F-530R reaction utilizing tape samples (100%). Due to
1) the low quantities of DNA extracted and 2) the variable success of PCRs performed on
material from sampling locations 25-48, these locations were excluded from the subsequent
TRFLP analysis.





3.2 Characterisation: comparing inferred community composition

Tape and chip samples from locations 1-24 were analysed using TRFLP. All of the TRFLP
reactions involving tape samples produced positive results. The reactions involving chip
samples were less successful; in each taxonomic group, samples from the same four
locations failed. Subsequent pair-wise comparisons of tape and chip samples from the same

location were therefore based on 20 tape-chip sample pairs, rather than 24.

Data from the TRFLP analyses were used to infer community structure for algae, fungi and
bacteria. The greatest number of peaks (interpreted as distinct OTUs) was identified in the
bacterial samples, followed by the fungi and the algae (Table 3). The richness (number of
OTUs) of the algal communities in tape and chip samples was very similar: only three algal
OTUs did not co-occur. Tape-chip differences in richness were more marked when fungi and
bacteria were considered. Unexpectedly, the tape samples had more fungal OTUs than the
chip samples. When tape and chip samples were pooled, algal and bacterial diversity
calculated from the TRFLP data were similar (H ~2.2); fungal diversity was lower (1.5) (Table
3). When H was calculated separately for tape and chip samples, bacterial and fungal
diversity was slightly higher in chip samples; in contrast, algal diversity was higher in tape

samples.

Table 3: Community composition

The ecological similarity between the communities was also calculated from the TRFLP data.
Mean percent similarity was calculated for tape and chip samples from the same location, for
each group of microorganisms. Metrics were calculated for the abundance data and for
presence-absence (incidence) data. When paired tape and chip samples were compared,
similarity was lowest in the bacterial samples (36%) and highest in the algal samples (58%).
Using presence-absence data unsurprisingly increased percent similarity (refer to bracketed
numbers in Table 3). The greatest effect was observed in the algae, where mean similarity
within sample types increased to > 80%, and mean PS between tape and chip samples
increased to 87%. Mean PS between tape and chip samples in the fungi and bacteria was

similar and relatively low (56% and 54%, respectively).

Ordination of the TRFLP data using NMDS indicated clear clustering of tape and chip
samples in the fungi and bacteria (Fig. 3 b, ¢). The clustering was less marked in the algal
samples, where there was considerable overlap between the tape and chip communities (Fig.
3a). Both the fungal and bacterial samples were segregated along the first ordination axis

(NMDS1). Tests indicated that the multivariate dispersion of the tape and chip samples was
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similar for fungi and bacteria, but not the algae. Subsequent multivariate analysis of variance
(adonis) indicated that there were significant differences (p < 0.01) between tape and chip

samples in all three taxonomic groups.

Fig. 3: NMDS biplots of the TRFLP data

4. Discussion

4.1 The viability of molecular analysis applied to tape samples

The tape samples consistently produced quantities of microbial DNA sufficient for molecular
analysis. The test slab had been exposed to the atmosphere for several years and had a
well-developed microbial biofilm. Consequently, the tape samples collected appreciable
amounts of organic material (the surface of the tape frequently had a dark green or black
appearance after sampling). Tape sampling may be less successful where the surface
biofilm is less developed. Unpublished work by the authors suggests that usable quantities
DNA may only be extracted from tape samples where the surface of the stone is obviously
discoloured by biological activity. However, the same work indicates that chip samples also
return very low DNA yields in similar circumstances. In this study, the chip samples yielded
higher DNA concentrations, probably because the volume of the sample (and hence the
biomass collected) was greater. However, the success rate of the DNA extraction process

from stone chips was lower, possibility due to the presence of clays in the stone.

The DNA recovered from the tape samples was usually sufficient to carry out PCR. Contrary
to our expectations, the PCRs conducted using tape samples were more successful than
those involving chip samples. The lower success rate of the chip samples was probably due
to the presence of inhibitors (e.g. iron or clay) in the crushed stone chips. In this experiment,
chip samples from locations 1-24 were much more amenable to PCR than those from
locations 25-48. Variability by location may be due to a patchy surface distribution of
inhibitors e.g. rust stains from iron objects left on the stone slab in the yard, or inherent
geochemical variability. These results reinforce the importance of collecting replicate
samples from multiple locations across the surface of a building: in this experiment a
difference in location of just a few centimetres had a significant impact on the success rate of
the PCRs. Tape sampling is clearly a more workable approach if large numbers of replicate

samples are required.
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4.2 How representative were tape samples of microbial community composition?

It was anticipated that taxonomic richness would vary according the type of organism under
consideration, with the bacterial communities being the richest, followed by the fungal and
algal communities. We expected that the taxonomic richness of the chip samples would be
higher than that of the tape samples, because the stone chips integrated epilithic and
endolithic communities (hypothesis H1). Furthermore, we anticipated that tape and chip
samples from the same location would be more similar for algae than for fungi and bacteria,

due to the presence of distinct endolithic communities in the latter two groups (H2).

The expected pattern of richness by taxonomic group was borne out: when tape and chip
sample were pooled, bacteria were the richest group, followed by fungi and algae (Table 3).
Although the algae had the lowest taxonomic richness, the total number of OTUs identified
(22) is remarkably high, given that this study focussed on a single stone slab and that only

~100 species had been identified in previous review of algae in urban habitats (Rindi, 2007).

Taxonomic richness was higher for chip samples in the algal and bacterial communities,
consistent with H1 (Table 3). The pattern was most marked in the bacteria, where the
number of OTUs was 15% higher in the chip samples. The difference in richness between
tape and chip samples was much less pronounced for the algae. This was presumably
because green algal cells were concentrated in surface biofilms that were readily sampled
with adhesive tape. Surprisingly, fungal richness inferred from the TRFLP analysis was
higher in the tape samples than the chip samples. This could have been due to the order of
sampling. It is possible that the application of the adhesive tape greatly reduced the
abundance of certain epilithic fungal taxa, so that they did not appear as distinct peaks in the
subsequent TRFLP analysis of the chip samples. It is plausible that adhesive tape could

preferentially sample powdery surface molds, for example.

Tape and chip samples were more similar for algal samples (mean PS = 58%) than for fungal
(mean PS = 45%) or bacterial (mean PS = 36%) samples, consistent with H2. Calculating
similarity based on presence-absence data made a big difference to the mean PS figure for
algae (which increased to 87%), but had much less impact on the equivalent figures for fungi
and bacteria (which increased to 56% and 54%, respectively). This result indicates high
levels of co-occurrence for algal taxa and lower levels for fungi and algae. The mean PS
figures indicated that tape sampling was effective in capturing algal community composition,
presumably because green algae prefer epilithic habitats. The technique was less effective at
representing fungal and bacterial communities, where low levels of similarity suggested that

epilithic and endolithic communities were distinct in terms of composition.
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Lithobiontic communities are often considered to be of low diversity due to the stressful
growth conditions that prevail in lithic habitats (Gorbushina, 2007). The diversity metrics
calculated in this study (H = 1.5 - 2.2) were consistent with this expectation. Values this low
indicate inequitable communities dominated by a small number of abundant taxa. The
similarity between the H values of the algal and bacterial communities (H ~2) was
unexpected, as was the relatively low value for the fungi (H ~1.5). These anomalous values
were likely to be due in part to the analytical technique used. TRFLP cannot reliably detect
very rare organisms and previous studies have indicated that environmental samples often
have a large proportion of uncommon taxa (the 'rare biosphere': Behnke et al., 2011,
Medinger et al., 2010, Sogin et al., 2006). It is likely that a high-throughput sequencing
technique e.g. pyrosequencing, would reveal large numbers of rare taxa, particularly fungi

and bacteria. These taxa would, in all probability, increase fungal and bacterial diversity.

5. Conclusions

The results of this study demonstrate that sterile adhesive tape may be used to collect
samples suitable for molecular analysis from stone buildings. Stone fragments (obtained by
destructive sampling) yield greater concentrations of DNA and give a more representative
picture of endolithic microbial communities. However, tape sampling has a number of
advantages over destructive techniques, in addition to minimising damage to the stone
surface. The collection of tape samples is relative quick and straightforward, allowing surveys
with many replicates to be conducted (a critical consideration where small-scale variability is
likely to be high). Sterile tape also allows flat stone surfaces to be sampled easily.
Concentrations of inhibitory substances (e.g. clay and iron) are likely to be lower on tape
samples, hence the probability of successful PCRs is increased. Sterile adhesive tape is
particularly suited to sampling microbial biofilms and autotrophic organisms e.g. green algae,

where it can provide good estimates of total community diversity.
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Reaction Target Name Sequence

Bacterial PCR  Bacterial 16S rRNA  63F 5'- CAG GCC TAA CAC ATG CAA GTC - 3
Bacterial 16S rRNA  530R 5'- GTA TTA CCG CGG CTG CTG - 3'

Fungal PCR Fungal ITS ITS1F 5'- CTT GGT CAT TTA GAG GAA GTAA-3'
Eukaryotic ITS ITS4 5'- TCC TCC GCT TAT TGA TAT GC - 3'

Séesn algal Eurkaryotic 185 rRNA  18S 1.2F  5'- TGC TTG TCT CAA AGA TTA AGC - 3'
Groon algal 185 ALG2R  5'-CTT CCG TCA ATT CCT TTAAGT - 3

Table 1: The PCR primer sets used in the T-RFLP analyses. Note that the forward primers
used in the T-RFLP analysis (63F, ITS1F & 18S 1.2F) had a 6FAM fluorescent tag at the 5°
end.

Reaction success rate (%)

No. DNA

Sampling samples conc. DNA Bacterial Fungal Algal

Sample type locations (n) (ng/ul) extraction PCR PCR PCR
1-24 24 229+1.9 100 100 100 96
Tape 25-48 24 194122 83 100 63 88
Overall 48 21.1+2.1 92 100 81 92
1-24 24 33.1+4.1 92 83 83 67
Chip 25-48 24 23.2+1.9 79 71 71 88
Overall 48 28.2+2.3 85 77 77 77

Table 2: A comparison of tape and chip samples in terms of recovered DNA concentrations
and PCR success rate. Note that whilst DNA yields from the chip samples are higher, the
PCR success rate is lower. Outlying values have been removed (refer to Section 3.1). Note
also the difference between sampling locations 1-24 and 25-48. Sampling locations 25-48

were omitted from the subsequent TRFLP analysis.
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Richness (no. of OTUS) Taxonomic diversity (H) Mean PS

Paired T
Within T Within C All &C
T C Total samples samples samples samples
Algae 19 21 22 2.21 2.07 2.15 58 (87)
Fungi 45 30 49 1.50 1.55 1.52 45 (56)
Bacteria 47 54 71 2.11 2.29 2.19 36 (54)
n 20 20 40 20 20 40 20

Table 3: A comparison of taxonomic richness, diversity and percent similarity (PS) for the
tape and chip communities (T = tape samples, C = chip samples. The PS figures in brackets

indicate metrics based on presence-absence data).

Figure Captions

Fig. 1: Diagrammatic section through a block of building stone, indicating microbial
colonization of epilithic and endolithic habitats, comprising a. epilithic; b. chasmolithic; c.
euendolithic and d. cryptolithic habitats. Total community diversity comprises microorganisms
in both habitats. Only the eplithic and, possibly, the euendolithic habitats are readily

accessible to tape sampling.

Fig. 2: (a) The test slab used in the experiment; note the obvious patches of green and black
staining and the white lichen thalli in the upper part of the photograph (regions bounded by
dotted lines); (b) the layout of sampling locations (grey squares) on the face of the test slab;
the locations were numbered from left to right and top to bottom; only locations 1-24 were
used in the TRFLP analysis; (c) diagram of a tape strip used in the sampling, indicating the

‘target zone’ applied to the stone surface.

Fig. 3: NMDS biplots of the TRFLP data, indicating tape samples (open circles) and chip
samples (filled circles); proximity indicates similarity; (a) algal samples; note the overlap of
tape and chip samples and the contrasting dispersions (b) fungal samples and (c) bacterial

samples; in both (b) and (c) note the clear separation of tape and chip samples.
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Supplementary information

Algal species used in the design of the primer ALG2R.

NCBI
Species References accession no.
Bracteacoccus aerius (Rifén-Lastra and Noguerol-Seoane, 2001) BAU63101
Bracteacoccus minor (Arifo and Saiz-Jimenez, 1996, Ortega-Calvo et BMUG63097
al., 1991, Rifén-Lastra and Noguerol-Seoane,
2001)
Chlorosarcinopsis minor (Bolivar and Sanchez-Castillo, 1997, Ortega- AB049415
Calvo et al., 1991, Rifén-Lastra and Noguerol-
Seoane, 2001)
Desmococcus olivaceus (Bellinzoni et al., 2003, Rifén-Lastra and EU434017
Noguerol-Seoane, 2001, Rindi and Guiry, 2003,
Rindi and Guiry, 2004, Round, 1981)
Elliptochloris subsphaerica (Rifén-Lastra and Noguerol-Seoane, 2001, Rindi FJ648518
and Guiry, 2003)
Friedmannia israelensis (Gomez-Alarcon et al., 1995, Ortega-Calvo et al., FRIUGEAA
1991)
Haematococcus pluvialis (Arifio and Saiz-Jimenez, 1996, Jaag, 1945, AF 159369
Ortega-Calvo et al., 1991, Pietrini et al., 1985,
Rindi and Guiry, 2003)
Myrmecia biatorellae (Rifén-Lastra and Noguerol-Seoane, 2001) AY095367
Pediastrum boryanum (Ricci and Pietrini, 1994) AY780661
Scenedesmus acutus (Rifon-Lastra and Noguerol-Seoane, 2001) AJ249512
Scenedesmus ecornis (Bolivar and Sanchez-Castillo, 1997) AJ400496
Scenedesmus obliquus (Bolivar and Sanchez-Castillo, 1997) EF564131
Scenedesmus oocystiformis (Rifén-Lastra and Noguerol-Seoane, 2001) AB012848
Chlorella ellipsoidea (Miller and Macedo, 2006, Rifon-Lastra and FM946018
Noguerol-Seoane, 2001, Rindi and Guiry, 2003,
Schlichting, 1975)
Chlorella luteo-viridis (Rifén-Lastra and Noguerol-Seoane, 2001, Rindi X73998
and Guiry, 2003)
Chlorella vulgaris (Miller et al., 2008, Ortega-Calvo et al., 1991, FM205855
Ortega-Calvo et al., 1993, Rifén-Lastra and
Noguerol-Seoane, 2001, Rindi and Guiry, 2003,
Rindi and Guiry, 2004)
Lobosphaeropsis lobophora (Rifén-Lastra and Noguerol-Seoane, 2001) FM205833
Muriella terrestris (Arifio and Saiz-Jimenez, 1996, Bellinzoni et al., AB012845
2003, Ortega-Calvo et al., 1991, Ortega-Calvo et
al., 1993, Rifén-Lastra and Noguerol-Seoane,
2001, Rindi and Guiry, 2003)
Oocystis lacustris (Ricci and Pietrini, 1994) DQ887507
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Oocystis solitaria

(Ricci and Pietrini, 1994)

AF228686

Prasiococcus calcarius (Rifon-Lastra and Noguerol-Seoane, 2001, Rindi EF200527
and Guiry, 2003, Round, 1981)
Prasiola calophylla (Rindi and Guiry, 2003, Rindi and Guiry, 2004) EF200521
Pseudococcomyxa simplex (Grilli Caiola et al., 1987) FJ648514
Rosenvingiella polyrhiza (Rindi and Guiry, 2003) EF200520
Stichococcus bacillaris (Arifio and Saiz-Jimenez, 1996, Gomez-Alarcon EU434029
et al., 1995, Jaag, 1945, Ortega-Calvo et al.,
1993, Pantazidou and Theoulakis, 1997, Rifén-
Lastra and Noguerol-Seoane, 2001, Rindi and
Guiry, 2003, Rindi and Guiry, 2004, Schlichting,
1975)
Stichococcus chlorelloides (Rifén-Lastra and Noguerol-Seoane, 2001) AY271675
Trebouxia arboricola (Rindi and Guiry, 2003) 268704
Trebouxia decolorans (Ortega-Calvo et al., 1991, Ortega-Calvo et al., AM159503
1993)
Geminella minor (Rifén-Lastra and Noguerol-Seoane, 2001) AF387151
Interfilum terricola (Rifon-Lastra and Noguerol-Seoane, 2001) AF387152
Pseudendoclonium basiliense (Giaccone et al., 1976) Z47996
Trentepohlia abietina (Rindi and Guiry, 2003) DQ399587
Trentepohlia aurea (Jaag, 1945, Rifén-Lastra and Noguerol-Seoane, AB110783
2001, Rindi and Guiry, 2002, Rindi and Guiry,
2003, Schlichting, 1975)
Trentepohlia iolithus (Jaag, 1945, Rindi and Guiry, 2002, Rindi and AY220983
Guiry, 2003)
Trentepohlia umbrina (Jaag, 1945, Rindi and Guiry, 2002, Rindi and DQ399591
Guiry, 2003)
Cosmarium depressum (Ricci and Pietrini, 1994) AM920367
Cosmarium granatum (Ricci and Pietrini, 1994) AM920364
Cosmarium reniforme (Ricci and Pietrini, 1994) AM920336
Cylindrocystis brebissonii (Rifén-Lastra and Noguerol-Seoane, 2001) FM992326
Staurastrum lunatum (Ricci and Pietrini, 1994) EF507547
Staurastrum pingue (Ricci and Pietrini, 1994) AJ428109
Chlorokybus atmophyticus (Arifio and Saiz-Jimenez, 1996, Ortega-Calvo et AY823715
al., 1993, Rifén-Lastra and Noguerol-Seoane,
2001)
Klebsormidium elegans (Rifén-Lastra and Noguerol-Seoane, 2001) AM490840
Klebsormidium subtilissimum (Rifén-Lastra and Noguerol-Seoane, 2001) AF408241
Klebsormidium flaccidum (Gomez-Alarcon et al., 1995, Ortega-Calvo et al., X75520

1991, Ortega-Calvo et al., 1993, Pantazidou and
Theoulakis, 1997, Rifén-Lastra and Noguerol-
Seoane, 2001, Rindi and Guiry, 2003, Rindi and
Guiry, 2004)
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Appendix B: Equations

Shannon diversity, H, was calculated as follows:

H :—iPilnPi
i=1

(eq. B.1)

Where P; is the proportion of total abundance accounted for by taxon i, and S is total

taxonomic richness.
Per cent similarity, PS, was calculated as:
PS = (1 — Bray Curtis dissimilarity)*100 (eq. B.2)

Bray Curtis dissimilarity (Bray and Curtis, 1957) was derived from the equation:

S
Z|yll y2i|

Z (yll + y2|
i= (eq. B.3)

Where y;; is the abundance of taxon i at location 1 and y,; is the abundance of the same

taxon at location 2.

The Serensen coefficient (which is identical to the Brary-Curtis measure), expressed as a

percentage, was calculated as follows:

100*[Lj
2a+b+c (eq. B.4)

Where a is the number of species shared between locations 1 and 2, b is the number of

species in location 1 and c in the number of species in location 2.
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