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Microbial necromass carbon and nitrogen
persistence are decoupled in agricultural
grassland soils
Kate M. Buckeridge 1,2✉, Kelly E. Mason 3, Nick Ostle2, Niall P. McNamara3, Helen K. Grant3 &

Jeanette Whitaker 3

Microbial necromass is an important component of soil organic matter, however its persis-

tence and contribution to soil carbon sequestration are poorly quantified. Here, we investi-

gate the interaction of necromass with soil minerals and compare its persistence to that of

plant litter in grassland soils under low- and high-management intensity in northwest Eng-

land. During a 1-year laboratory-based incubation, we find carbon mineralization rates are

higher for plant leaf litter than root litter and necromass, but find no significant difference in

carbon persistence after 1 year. During a field experiment, approximately two thirds of

isotopically-labelled necromass carbon became mineral-associated within 3 days. Mineral-

associated carbon declined more rapidly than nitrogen over 8 months, with the persistence of

both enhanced under increased management intensity. We suggest that carbon miner-

alisation rates are decoupled from carbon persistence and that necromass carbon is less

persistent than necromass nitrogen, with agricultural management intensity impacting car-

bon sequestration in grasslands.
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Soils store 1580 Pg (i.e. 1015 g) carbon (C)—more than the
atmosphere (750 Pg C) and vegetation (610 Pg C)
combined1—and contain a small but influential slice (460

Pg N) of the global nitrogen (N) pool (~2 × 1023 g N)2. Conse-
quently, small changes in soil storage of C and N have ramifi-
cations for global biogeochemical cycles and food security1,3.
Grasslands, representing 3360 Mha or 68% of global agricultural
land4, are particularly important as they contain large amounts of
soil organic C (SOC; 343 Pg C in the top 1 m)5. This SOC stock is
influenced by land use intensity, although the direction of change
and mechanisms of loss or gain vary with different management
practices6.

Multiple analytical methods have revealed that soil microbial
products and residues (hereafter ‘microbial necromass’ or
‘necromass’) either dominate or contribute substantially to per-
sistent soil organic matter (SOM), especially in grasslands7–15.
This research indicates that the formation of stable necromass
C is influenced by multiple factors that influence live and dead
microbes (i.e., spatial location, microbial density and taxa,
abiotic conditions)16, and also that stable necromass C formation
(as with all stable SOM) is strongly influenced by soil
mineralogy17,18, and often begins with adsorption to mineral
surfaces19–22. It is also evident that microbial metabolism influ-
ences the formation and loss of mineral-associated necromass
C23–25, but the importance of microbial necromass consumption
by live microbes (i.e., necromass recycling)26 and the persistence
of necromass association with mineral surfaces are less clear. In
this study we aim to address three key uncertainties: 1) if
microbial substrate type (microbial necromass versus plant litter)
impacts the formation of persistent soil C; 2) how much microbial
necromass C and N are recycled versus associated with soil
minerals; and 3) at what rate microbial necromass C and N
associated with soil mineral surfaces are lost (Fig. 1a).

Soils contain a diverse array of microbial and plant-derived
substrates which vary in their chemistry. This influences the
microbial decomposition rate of these substrates and will
potentially affect their persistence27. Soil microorganisms may
decompose microbial necromass faster than plant litter because it
has a lower C:N ratio, which is a consistent indicator of microbial
substrate preference28. In contrast, soil microbes may decompose
plant litter faster than microbial necromass because most het-
erotrophic microbes are C-limited29, especially in N-rich agri-
cultural grasslands. Soil microbes may also decompose plant litter
faster than microbial necromass because necromass contains
specific compounds that are resistant to decomposition30. A
comparison of microbial decomposition of plant litter versus
microbial necromass and the influence of decomposition rate on
persistent SOM formation will clarify the importance of microbial
substrate preference on microbial necromass persistence.

The formation, persistence and loss of microbial necromass C
may change with the intensity of grassland management, of
particular concern as the degradation of grasslands continues
globally5. For instance, management alters plant and microbial
community structure and microbial processing of C and N31, all
of which also influence C persistence20. If labile plant exudate and
fertilizer N is rapidly immobilized by pasture grasses in high-
intensity grasslands, microbial necromass N may be preferentially
used by soil microbes17. Microbial necromass studies primarily
focus on necromass C, yet necromass N may be particularly
important for addressing our knowledge gaps32, as micro-
bial`necromass is N-rich compared to plant inputs. Because of
its higher N content12,33 microbial necromass may also have
a stronger affinity for mineral surfaces than plant litter, for
instance due to preferential sorption of proteins relative to
polysaccharides34. There is evidence that sorption to clean
mineral surfaces favours molecules rich in N10. Therefore, N

content could increase the likelihood of microbial necromass
persistence and thus make it less accessible for loss by microbial
decay. Understanding microbial recycling, stabilization and
destabilization of microbial necromass N is not only critical for
agricultural grassland management with strict N-accountability;35

its influence on soil C sequestration may be a major gap in our
understanding of the fate of microbial necromass.

Microbial necromass C and N association with mineral
surfaces may be reduced by necromass recycling. We
define recycling as microbial decomposition of dead microbes
and microbial products, resulting in necromass C and N
assimilation into biomass, or loss through mineralization26

before mineral-association, distinct from necromass removal
from mineral surfaces (destabilization or mining) (Fig. 1a)16.
Soil microbes use microbial necromass as a growth
substrate26,36–38. However, abiotic interactions that lead to
necromass mineral-association can be immediate and
substantial17,39, and may be faster than microbial uptake of
necromass for substrate. Once protected by mineral associa-
tion, it has not been quantified how long necromass remains,
or to what extent mineral-associated necromass may be mined
by soil microorganisms. Microbial necromass destabilization
via mining (i.e., biotic desorption, such as through the pro-
duction of organic acids or proximate extracellular enzymes40)
may be particularly important in diverse grasslands under low-
intensity management, where plant communities have reduced
winter photosynthate inputs and rhizosphere microbes are
potentially C-limited29. In addition, precipitation, seasonal
flooding, or macrofaunal bioturbation may increase necromass
loss by stimulating aggregate turnover, and plant root exudates
may promote loss by contributing organic acids and stimu-
lating priming (i.e., mineralization of native SOM, including
necromass)41,42. Furthermore, it is unclear what role necro-
mass N plays in the role and timing of recycling or loss of
necromass C. Using stable-isotopes to examine the fate of C
and N independently and as a ratio can provide insight into
controlling mechanisms such as microbial mining and turnover
(Fig. 1b, c).

Here, a laboratory and field experiment were conducted to
investigate the influence of microbial substrate mineralization on
persistence, and the rate at which microbial necromass is sorbed
and removed from soil minerals. In both experiments, a single
addition of dual isotope-labelled (13C15N) substrate (necromass
and plant root and leaf litter in the lab and necromass in the field)
was added to soil and tracked over time. In the lab experiment, we
detected higher microbial substrate mineralization rates for plant
leaf litter over root litter or necromass, yet we saw no influence of
these rate differences on C persistence after 1 year. This is in
contrast to theory that substrate complexity is related to
lower carbon use efficiency and lower mineral-associated C
formation20. Our field experiment demonstrated that 64% (±5%)
of the added, labelled necromass was recovered in the mineral-
associated fraction within 3 days. A much smaller amount of the
initial amount added was recovered in the microbial biomass (C:
2.1 ± 0.2%; N: 4.7 ± 0.7%) with the remainder being mineralized
or leached. Over the course of the field incubation (238 d), half
(53%) of this added necromass-C that became mineral-associated
was subsequently lost through microbial mining, and 81% of the
mineral-associated necromass N persisted. Our study demon-
strates that (a) differences in microbial decomposition rates do
not necessarily translate to differences in C persistence between
plant litter and microbial necromass, and (b) microbial necro-
mass C and N are rapidly sorbed to minerals yet C is less per-
sistent than N, especially in high- versus low-intensity agricultural
grasslands. This decoupling of C and N destabilization can be
used to improve the next generation of ecosystem process models.
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Results and discussion
Decomposition and persistence of plant litter versus microbial
necromass. Our first aim was to assess the influence of substrate
type—plant litter or necromass—on decomposition rate and C
and N persistence. Soils were sampled from juxtaposed, low- and
high-intensity grasslands (n= 5; Supplementary Table 1). Pre-
sumably because of long-term (>35 y) differences in management,
high-intensity grasslands had higher microbial biomass carbon
(MBC), a more depleted soil δ13C and a less depleted soil δ15N
natural abundance signal (Supplementary Table 1; P < 0.05).
These grasslands also differed in microbial community structure
(Supplementary Fig. 2), plant biomass (Supplementary Table 3)
and plant community structure (Methods). The soils were
amended with one of dual isotopically-labelled (13C15N) Escher-
ichia coli (bacterial necromass), Lolium perenne (rye grass leaf or
root litter), or no addition (soil only controls) in separate glass
jars in a 1 year lab incubation. The added necromass was pre-
pared by growing E.coli on 13C15N isotopically-enriched media,
then autoclaving (2x), lyophilizing, and resuspending the mass;
the L. perenne was grown from seed with daily 13CO2 fumigation
and weekly K15NO3 amendments (see Methods for details). A
single species of necromass and of plant litter were used as a
proxy for all necromass/plant litter, recognizing that a single
species cannot represent the chemical complexity of the complete
soil bacterial or plant community. The validity of this approach is

inconclusive: previous studies have demonstrated that necromass
taxa do not influence decomposition rates of necromass38, and
that plant litter decomposition is strongly controlled by C:N (or
C:P) which may or may not vary by species43. However, a
growing number of studies reveal species effects for fungi on
necromass decomposition due to variation in chemistry44 or
morphology45. Bacterial taxa may also influence necromass
retention on mineral surfaces by interacting with fungal mor-
phology or chemistry39. To resolve these contradictions, we
anticipate that future studies may compare species effects on this
comparison of plant versus microbial inputs in terms of forming
mineral-associated C. Here, we hypothesized that decomposition
rates would decline with substrate quality (following a gradient of
low to high C:N ratio) and predicted the highest mineralization
rate from necromass, followed by plant leaves, then roots28. We
hypothesised that high quality (low C:N) substrates would induce
greater necromass formation20 and necromass-mineral associa-
tion than low quality substrates due to the higher efficiency of
microbial substrate use (i.e., favouring r-selected taxa with higher
growth and death rate). We expected this difference to be
amplified in grassland soils under historical high-intensity man-
agement due to the greater nutrient availability and a history of
high-quality plant inputs to the rhizosphere.

Microbial decomposition was indicated by substrate-derived
CO2 and N2O efflux, and both were generally higher from leaves

Fig. 1 The fate of microbial necromass in soil, and the hypothetical response curves for stable-isotope tracing of mineral-associated microbial
necromass in soil as a tool to assess that fate. a A representation of how plant carbon inputs to soil may directly adsorb to fine minerals, or be consumed
by microbial biomass then become necromass. Here we quantify how necromass may be recycled by microbial biomass as substrate, sorbed to fine
minerals, and then mined from mineral surfaces by soil microbes. b We traced isotopically-labelled microbial necromass to sorption on fine minerals and
used the 13C:15N ratio of the mineral-associated necromass to indicate sustained low use of necromass-C as microbial substrate and high sustained C
mineral-association (i), or gradual microbial C-limitation and C-mining of mineral-associated necromass-C pools (ii), or rapid use of necromass-C as
microbial substrate with no microbial mining (iii). c We assessed the 13C or 15N of the mineral-associated necromass to indicate if rapid abiotic interaction
of necromass on fine minerals was high as hypothesized (iv) or initially low (vi), and if this initial state was followed by loss from microbial mining of C or N
(v), versus gradual accumulation of necromass-C or N, for instance as a result of turnover of the biomass that consumed necromass C or N (vi).
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than necromass, and from necromass more than roots (Fig. 2a, b),
with some variation by land management (Supplementary
Table 2). In this laboratory incubation, the substrate-derived C
and N remaining in the bulk soil pool represent C and N that
were not released as gaseous efflux. As expected, the patterns here
were the reverse of substrate use such that in the bulk soil there
was higher root C remaining as compared to necromass C
(P= 0.0008) or leaf C (P= 0.0085, Fig. 2c). Also in contrast with
gaseous efflux, the N signal in bulk soil did not differ between
substrate types in a consistent manner across land management
(Fig. 2c) and there was no land management effect or interaction
for substrate C or N in bulk soil. These results—indicating a
preference for leaves > necromass > roots—did not support our
hypothesis or our underlying assumption that microbial use was
driven by substrate quality, suggesting that the C:N ratio is not
the dominant predictor of decomposition rates, at least between
L. perenne and E. coli. The microbes in these incubations may
have been C-limited in the absence of fresh plant exudate

inputs29. Furthermore, a select subset of the microbial commu-
nity may be consuming necromass26, supported by the treatment
interactions between residue types and land management for both
substrate-derived CO2 and N2O (Supplementary Table 2) and by
differences in the microbial community composition between
these two soils (Supplementary Fig. 2).

Our lab incubation compared the proportion of microbial and
plant C and N added that was mineral-associated after 1-year by
quantifying the mass of label in the fine mineral (<53 µm) pool. In
contrast to our hypothesis and dominant theory of stable SOM-
formation20, we found no significant difference in accumulation
of mineral-associated C between soils containing E. coli
necromass and L. perenne leaf litter (Fig. 2d), although there
was more mineral-associated N in soils containing roots as
compared to leaves (P= 0.032). There was no interaction
between management and residue type; however, low-intensity
soils accumulated more mineral-associated C (P= 0.0056) and N
(P < 0.0001) than high-intensity managed soils, complementing

Fig. 2 Microbial substrate preference does not influence substrate C stabilization. The cumulative mean (and standard error, n= 5) % recovered of
added 13C15N-labelled Lolium perenne litter (“Leaf” & “Root”) or E. coli necromass (“Microbial necromass”) as CO2-C (a), N2O-N (b) and remaining in bulk
soil (c) indicates differences in microbial substrate preference during a 1-year lab incubation, whereas the amount of fine (<53 μm) mineral-associated C
and N (d) is a proxy for stable SOM, and does not reflect these microbial substrate preferences. Low land management intensity enhanced mineral-
associated C and N, and roots (low microbial preference) increased the amount of mineral-associated N recovered, whereas C mineral-association was not
influenced by microbial substrate preference. Small letters above bars in (c, d) indicate a significant difference between substrates (within element, across
land uses), and capital letters indicate a significant difference between land uses (within element, across substrates). There were no significant interactions
between substrate and land use for bulk and mineral-associated soil. A summary of statistical interactions for (a, b) is found in Supplementary Table 2.
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the generally lower C and N efflux rates from these soils. These
lab incubations therefore do not support the theory that lower
complexity, rapidly cycling substrate is more likely to become
mineral-associated C20, at least over the course of the first year
and in the absence of plants.

Microbial necromass fate and persistence. Our second and third
aim, to investigate the fate and persistence of necromass in soil
(Fig. 1b, c), were achieved by tracing isotopically-labelled
(13C15N) E. coli necromass in a field experiment over the
course of ~8 months (238 d) in the same juxtaposed grasslands
sampled for the lab experiment (Supplementary Table 1). As with
the lab assay, our investigation explored the historical effect of
management intensity. We injected the necromass as a suspen-
sion (or water in the control plots) in 20 cm diameter collars (see
Methods for details), replicated for four time points (allowing for
destructive harvests), in 5 replicate blocks. Our method of
necromass addition was intended to mimic the production and
subsequent expulsion of necromass from soil biofilms that may be
linked to biofilm dispersion (e.g.,46), which would introduce
necromass into the wider soil environment. It is possible that
mineral-associated necromass is dominated by mineral-associated
microbes living and dying in situ—in this case, our method has
quantified only a small portion of necromass fate. Resolving the
importance of these two (or other) pathways of necromass pro-
duction will require microscale spatial analysis of necromass
production in future studies16.

Pool sizes and isotopic signals of C and N in CO2 and N2O
were measured in control and necromass subplots 1, 3, 21, 49, 92,
155 and 238 days after necromass addition. Pool sizes and
isotopic signals of C and N in the microbial biomass, bulk SOM,
and mineral-associated SOM were measured when soil in the
collars was destructively sampled at 3, 21, 92, and 238 d after
addition. The surface soil (Ap horizon) was sampled at two
depths: 0–5 cm, which formed the pasture rhizosphere root-mat
and enveloped the depth of necromass injection (1–3 cm); and
5–10 cm, which was below most of the pasture grass root biomass
and the injection zone. The 10–20 cm depth was analysed after
238 d to assess any downward distribution of the injected
necromass to the bottom of the Ap horizon (here we recovered
11.6% (±2.2%) of the added C, 20.4% (±3.4%) of the added N).
Specifically, we wanted to know how much necromass C and N
would be associated with fine soil minerals (<53 μm, assessed with
physical fractionation; Supplementary Table 1 for bulk and
mineral-associated pool sizes), and if association was due to a
rapid initial sorption (i.e., abiotic) or a slowly-accumulating
process (i.e., microbial uptake of necromass followed by turnover
and release of N; leaching promoting release of organically bound
necromass-N; or plant uptake of necromass-N followed by root
exudation or root turnover and release of this N)(Fig. 1b, c). We
then investigated whether mineral-associated C and N decreased
over the course of the 238-d experiment, and if this decay in
mineral-associated C and N pools was influenced by historic land
management intensity. Based on short-term (3 d) laboratory
studies39, we hypothesized that most of the added necromass
would be rapidly mineral-associated but then decline with time
due to microbial mining (Fig. 1b, c). We also hypothesized that
necromass persistence after 238 d would be higher in high-
intensity managed grassland soils with higher plant root exudates
and faster microbial turnover and necromass production.

Much of the added necromass was recycled and quickly
mineralized as microbial substrate. Necromass-derived respira-
tion (13CO2) was highest three days after necromass substrate
addition (6.1 ± 0.6% of added necromass-C was respired on that
day) before declining sharply (Fig. 3a), and there was no effect of

land management intensity or interaction with time. In contrast,
a very small proportion of added necromass-N was detected
as 15N2O, yet there was higher cumulative necromass-derived
N2O in the low-intensity (1.6 ± 0.8%) versus high-intensity
(0.2 ± 0.06%) plots (P= 0.021; Fig. 3b). This management
response was strongly influenced by one sampling date shortly
after addition, which may have represented a hot moment, or
a large, short-term pulse of N2O, typical of the high spatial and
temporal variation in soil N2O efflux47. Higher N2O efflux in the
low-management plots was possibly a result of an interaction
between necromass addition and historic higher plant litter inputs
(Supplementary Table 3), and different plant and microbial
communities (Methods, Supplementary Fig. 2), as N2O hot spots
and hot moments are known to be increased by plant residues48.

We recovered 2.1 ± 0.2%, of the added necromass C and
4.7 ± 0.7% of the necromass N in the microbial biomass in the
surface 10 cm of soil in the first 3 days after substrate addition.
Most of the C and N recovered in the microbial biomass was in
the 0–5 cm depth, with the amount differing between sample
dates for microbial biomass C (P= 0.0004) and N (P= 0.0009),
potentially due to necromass recycling into new microbial
biomass with microbial turnover (Figs. 1c and 3c, d). However,
the quantity of applied necromass C and N detected in the
microbial biomass declined sharply over winter (92–238 d)
indicating a seasonal microbial turnover49 that would contribute
to native (i.e., not injected) necromass production (Fig. 3c, d).
Quantifying this type of seasonal production would require high
frequency amino sugar analysis, or isotope dilution of amino
sugars50, which we did not perform in this study. Soil microbes in
the 0–5 cm depth high-intensity plots, averaged across all time
points, had higher concentrations of the added necromass C
(P= 0.04) and N (P= 0.03) than in the low-intensity plots.
However, microbial necromass C and N uptake by live soil
microbes was unaffected by land management at the 5–10 cm
depth. Averaged across all plots, 0.78 ± 0.08% of the added
necromass C and 1.42 ± 0.15% of the added necromass N
remained in the 0–20 cm microbial biomass at the end of our
experiment, representing ~0.001% of the microbial biomass C
and ~0.006% of the biomass N (Supplementary Fig. 3c, d). These
results support two possible mechanisms: either that soil
microbes will use only a small proportion of necromass for
anabolism, or, that only a select segment of the microbial
community (the necrobiome) will grow efficiently on necromass
substrate16,26. In general, microbes prefer new versus old SOM
and their carbon use efficiency (growth to respiration ratio) is
lower on old SOM51. Therefore, future studies should examine
whether added necromass has a low microbial uptake due to
qualities unique to necromass that attract a necrobiome, or as a
result of a general preference for new SOM.

Most of the added necromass became mineral-associated SOM
within 3 days, consistent with results from short-term lab
incubations17,39. A large amount of the added necromass C
(64.1 ± 4.6%) and N (108.9 ± 5.7%) was mineral-associated in the
top 10 cm of soil, three days after addition (Fig. 4a, b).
Surprisingly for north-west England, there were no rain events
during this initial period of the experiment. As a result, the soils
were mesic (0.64 ± 0.01 g H2O g−1 dw soil for 0–10 cm), which
meant that soil moisture probably did not limit microbial activity
nor promote leaching. The distribution of necromass C and N
differed with land management intensity, with more mineral-
associated necromass in the upper 0–5 cm (C: P= 0.029, N:
P= 0.00022) in the high-intensity grassland and more mineral-
associated necromass at 5–10 cm depth (C: P < 0.0001, N:
P < 0.0001) in the low-intensity grassland. However, averaged
across 0–10 cm depth, land management intensity had no effect
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on the amount of necromass C and N that was mineral-
associated. These results contrast with what we found in the lab,
where there was higher mineral-association in low-intensity
managed soils. This contrast between in situ results and plant-free
lab incubations (with shared soil type but contrasting plant
communities between treatments) suggests that the plant
community and rhizosphere microbes play a critical role in net
C persistence52, both through producing photosynthate that fuels
microbial growth and necromass production, and by releasing
organic acids that destabilize C from mineral surfaces. Similarly,
the different plant communities may have contributed to the
strong depth differences between mineral-associated necromass C
between land-use treatments (Fig. 4a, b). The relatively dense,
short roots (and higher proportion of rhizosphere to bulk soil) in
the high-intensity pasture grasses may have retained the injected
necromass near the surface whereas the deeper-rooting forbs and
tall-stem grasses in the low-intensity pasture may provide
preferential flow paths53 for water, nutrients, and our injected
necromass to the 5–10 cm soil depth. Finally, the lack of plant N
uptake in the lab incubations probably influenced microbial
access to necromass N and may have elevated N2O efflux, as
indicated by the lower N2O losses in the field experiment

(Fig. 3b). Alternatively, the lower N2O losses in the field may be
due to other factors, such as a higher N2:N2O efflux ratio, higher
NO3

− leaching, uncaptured spatial variability, or stronger
fluctuations in O2, as these factors also contribute to N2O
emissions54.

Our third aim was to investigate the rate of loss of necromass
from mineral surfaces. Our results indicate necromass C and N
decay from mineral surfaces, with a faster decay rate for C
(Fig. 4a–d). This disproportionate loss of C versus N suggests that
microbial mining of C—possibly combined with stronger binding
of proteins—was the main process controlling this loss (Fig. 1b,
c). The C:N of the mineral-associated necromass in all plots and
depths declined from 3.2 when added, to 2 on day 3, and 1.2 on
day 238 (Fig. 4c). This declining C:N ratio also supports the
concept of microbial mining for C and is consistent with the view
that necromass N has a slower turnover time than necromass C7.

To estimate the mean residence time of necromass C and N in
this experiment and to compare our results to other studies, we fit
linear models to the log-transformed variables and assumed that
the slopes represented the pool turnover times. Necromass loss
was indicated by the negative slope of the mineral-associated
necromass C and N pools and differed with land management

Fig. 3 Less than half of the field-added necromass carbon was mineralised or consumed by microbes. Mean (and standard error, n= 5) carbon and
nitrogen from the added necromass released as CO2-C (a), and N2O-N (b), and recovered in the microbial biomass C (c), and the microbial biomass N (d),
in high- and low-intensity pastures soils at two soil depths (0–5 and 5–10 cm). 13C15N-labelled E. coli necromass (2.14 g C and 0.62 g Nm−2) was injected
on 3/07/17, 1 day before the first gas sample point.
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intensity only in the 5–10 cm soils (C: P= 0.0036, N: P < 0.0001),
because there was no detectable loss at this soil depth in the high-
intensity treatment (Fig. 4d). This conflicts with our hypothesis
that necromass would be more persistent in the high-intensity
soils driven by higher necromass production and turnover.
Instead, these high-intensity 5–10 cm soils appear to have a
reduced loss rate of mineral-associated SOM. Therefore, both
gains (rapid mineral-association) and losses (destabilization) of C
and N (Fig. 4a, b) were reduced in the high-intensity plots at
5–10 cm depth, as compared to the low-intensity plots dominated
by deeper-rooting tall stem grasses and forbs (see Methods for
plant community descriptions). Necromass N may be accumulat-
ing in N-rich high-intensity soils below the plant rooting zone in
part because of slow microbial consumption due to microbial N
saturation. Our results also tentatively support the concept that
N-replete soils may display negative priming55, and that plant
exudate priming56 may facilitate microbial mining of necromass.

The inverse of turnover represents a simple estimate of the
mean residence time of added necromass C and N, assuming a
homogenous quantity of material entering the soil at a single

time point before departing—real chemical complexity of
microbial necromass with multiple pools will provide a better
estimate for future studies, especially if recycling between pools is
considered57,58. Nonetheless, our exponential decay model
implies that averaged across the 0–10 cm depth, necromass C
was retained for 330–422 d (Fig. 4d) in these grassland soils, and
necromass N was retained for 727–4211 d, with a trend for longer
retention in soils with high-intensity management (P= 0.060).
These in situ C residency times are ~2x longer than estimates
derived from 13C-labelled substrate tracing;59 the 15N-labelled
necromass estimates are comparable to other studies60. At 238 d
after injection, averaged across all plots, 37.1 ± 1.9% of the added
necromass C and 105.2 ± 6.3% of the added necromass N
remained in the 0–20 cm mineral-associated pool.

Implications for soil organic matter persistence. There is strong
evidence that necromass is a major component of SOM but we
are only just beginning to understand the dynamic interactions
that govern its mineral sorption and persistence. Our findings
illustrate that multiple, interacting processes are operating in soil

Fig. 4 Injected 13C15N-labelled E. coli necromass rapidly becomes mineral-associated soil organic matter, then necromass carbon is mined faster than
nitrogen. Mean (and standard error, n= 5) necromass-derived carbon (a), nitrogen (b) and carbon:nitrogen ratio (c) associated with fine minerals
(<53 μm particle size), as quantified by elemental and isotopic analysis following physical fractionation, in high- and low-intensity pastures soils at two soil
depths (0–5 and 5–10 cm) over 238 d. (d) The mean residence time of the added necromass carbon and nitrogen was calculated from the inverse of the
slope of the decay rate (ln(pool) ~ time) for the two depths (0–5 & 5–10 cm) and the depth total (0–10 cm). Significance codes for differences between
land use (intercept) and land use decay rate (slope): ***P < 0.001, **P < 0.01, *P < 0.05, ns not significant.

COMMUNICATIONS EARTH & ENVIRONMENT | https://doi.org/10.1038/s43247-022-00439-0 ARTICLE

COMMUNICATIONS EARTH & ENVIRONMENT |           (2022) 3:114 | https://doi.org/10.1038/s43247-022-00439-0 | www.nature.com/commsenv 7

www.nature.com/commsenv
www.nature.com/commsenv


with necromass being transformed through a continuum of
stages, including production, recycling, stabilization and
destabilization16. Although all SOM progresses through trans-
formation stages in soil, the chemical and morphological char-
acteristics of microbial necromass, as well as the activity and
composition of the soil microbial community, probably influence
the rates and timing of these stages. Microbial substrate miner-
alization rates did not result in differences for mineral-associated
C in our lab incubations despite theory that substrate complexity
is associated with lower substrate use efficiency and mineral
association. The different land management effects in our lab and
field assays—with more C persisting in the lab in low-intensity
soils and less C persisting in the low-intensity rhizosphere soils in
the field—suggest that differences in plant and rhizosphere
communities due to management have a large impact on the
dynamics of accumulation and loss of mineral-associated necro-
mass, and therefore on potential C sequestration rates. Further-
more, in our study, despite 8 months in field conditions and
evidence of microbial mining of mineral-associated necromass,
53% of the added necromass C and 81% of necromass N were still
present in the upper 10 cm of soil. This demonstrates a decou-
pling of C and N persistence, which is a potential mechanism for
the accumulation of N in agricultural grasslands and supports
further studies to minimize C mining through changes to agri-
cultural management. Insight into the necromass continuum in
soil presents new opportunities for climate change mitigation, via
manipulation of the different stages (Fig. 1a). It also provides
insight into the timing of C and N decoupling; information that
could be used to improve the next generation of ecosystem pro-
cess models that more explicitly represent the soil mineral matrix
in SOM formation and persistence61.

Methods
Study site. This study was conducted in a clay loam agricultural soil (Chromic
Eutric Albic Stagnosol, sand: 53%, silt: 19%, clay: 28%, pH: 6.7) in an over-the-
fence pairing of high and low-intensity managed pastures at Myerscough College
Experimental Farm in northwest England (53°50'57“N, 2°47'01“W, 10 masl). The
Myerscough climate station reports a mean annual (1981–2010) maximum tem-
perature of 14 °C, minimum temperature of 6 °C, and 1034 mm of precipitation.
The high-intensity pasture (%C: 4.8, %N: 0.48) had a historic (10-year average)
management of 247 kg N ha−1 y−1 (slurry and manure), 2–3 mows y−1 and 0.21
livestock units ha−1 y−1 (cattle equivalent). The plant community in 2017 were
mostly grasses, dominated by: Lolium perenne (32%), Poa trivialis (30%) and
Stellaria media (18%), with 5% or less of Agrostis stolonifera, Poa annua, Rumex
obstustifolia, Tripleurospermum inodorum, Alopecurus geniculatus, and Phleum
pratense. The low-intensity pasture (%C: 6.7, %N: 0.63) was unamended for the
past 35 years, with very rare grazing. The low-intensity plant community in 2017
was a mix of tall-grasses and forbs, dominated by Phalarus arundinacea (19%),
Urtica dioica (17%), Elymus repens (15%), Convulvulus arvensis (9%), Cirsium
arvense (6%), and 5% or less of Lathrys pratensis, Galium aperine, Alopecurus
pratensis, Vicia sepium, Galeopsis tetra, Heracleum sphondylium, and Stachys syl-
vatica. The high intensity pasture had higher plant biomass and lower litter bio-
mass as compared to the low intensity pasture, during the sample period
(Supplementary information). The two pastures were separated by a drainage ditch
and fence and in each field, 2 m2 plots (n= 5) were established along a 100 m
transect (20 m centre-to-centre), parallel to the fence at least 30 m from the ditch.
Each plot was an experimental block containing 4 subplots (each 0.5 m2). In the
centre of each subplot, a PVC collar (20 cm diameter, 20 cm in height) was inserted
into the ground to 10 cm depth. Land use intensity is a historical designation as all
plots were removed from management in the year this experiment was conducted.
Microbial community bacterial (16 S rRNA) and fungal (ITS) structure was
ascertained from publicly-available data26, for samples collected one year before
this study, from the same fields, 0–15 cm depth. Microbial beta-diversity was
compared between land use treatments using an Analysis of Similarity (anosim)
test and a PCoA visualization of the Bray-Curtis distance matrices, within the
vegan package in R62.

Laboratory incubation with plant litter and microbial necromass additions. To
estimate the relative stabilization of microbial versus plant residues, we carried out
a one-year soil incubation with stable isotope-labelled residues added to the low
and high-intensity pasture soils. Three soil cores (10 cm depth) were collected and
composited from each plot (n= 5) and sieved to 2 mm. Fresh soil samples were
moistened to 60% water-holding capacity and weighed (140 g oven-dry-equivalent)

into 1 L canning jars with air-tight lids containing septa for headspace gas sam-
pling. As tracers, we used 13C- and 15N-labelled senesced Lolium perenne leaf
(1.9547 atm% C, 1.1070 atm% N) and root (1.9077 atm% C, 0.7591 atm% N) and
Escherichia coli necromass (1.9608 atm% C, 1.3398 atm% N). The L. perenne litter
was grown from seed with daily pulses of 99 atm% CO2 to a closed chamber, and
weekly watering with 10 atm% K15NO3-amended Hoagland’s solution, for
10 weeks, then water was withheld, and leaves and roots were harvested from the
senesced plants, dried, and ground. The microbial necromass was started as frozen
E. coli stock (NCIMB 12210), grown on streak plates, then as pure cultures
established in a minimal M9 salts media base ((64 g Na2HPO4.7H2O+ 15 g
KH2PO4+ 2.5 g NaCl) L−1) augmented with 2 atm% 13C-glucose (4 g L−1) and
15NH4Cl (1 g L−1). Cultures were grown in 2 L batches for 48 h at 37 °C in a rotary
incubator shaker, spun down to a pellet (4600 x g), autoclaved twice, freeze-dried,
then batches were mixed and ground to a powder.

The plant leaf and root litter and microbial necromass were added to the soil to
create three treatments (plus a no-addition control) with equal amounts of
necromass C (5.34 mg C g−1) but unequal amounts of necromass N (leaf: 0.47,
root: 0.14, microbial: 1.55, mg N g−1). We incubated soils in the dark at 15 °C for
349 d and collected headspace gas over 24 h, after flushing the headspace, on day 1,
7, 34, 65, 93, 118, 153, 189, 217, 294, and 349. The jars had airtight lids for each
24 h gas sampling period, and between gas sampling periods, lids with a 1 cm-
diameter hole to allow gas exchange and minimal moisture loss. Moisture loss was
corrected by weekly water additions based on mass difference. At the end of the
incubation, we performed physical fractionation in the same manner as above. C
and N concentrations and isotopic values in the headspace gas and soil fine fraction
were measured as above and used to assess microbial loss and biological stability of
the three substrates.

Field experiment with dual-labelled microbial necromass tracing. To trace
necromass C and N to soil microbial biomass and stable pools, lab-grown,
isotopically-labelled E. coli necromass was added as a single pulse and tracked
through time. The E. coli necromass was prepared as for the lab experiment, but
with a modified amount of labelled 13C-glucose and 15NH4Cl to obtain 99 atm% C
and N. Just prior to application, the necromass was suspended in sterile ultra-
pure water.

On 3 July 2017, necromass suspension was injected with a sideport needle in a
10-point grid pattern into the surface 3 cm of soil, inside PVC collars, as 140 mg of
dry weight equivalent necromass per collar, or 2139.04 mg Cm−2 and
619.25 mg Nm−2. The 20 cm diameter PVC collars were inserted into intact soil
and vegetation (10 cm above ground, 10 cm below ground) two months before the
start of the experiment. The experimental design consisted of a land-use treatment:
high-intensity and low-intensity pasture, and a necromass treatment: with or
without necromass (controls had water only injections), and time: a collar
associated with each soil harvest that occurred on 6 July 2017 (3 days), 24 July 2017
(21 days), 3 October 2017 (92 days) and 26 February 2018 (238 days). The paired
treatment (necromass) and control (water) were assigned to the four (time)
subplots in each block (n= 5) in an alternating pattern.

To estimate net gaseous flux of necromass C and N, flat, opaque chamber lids fit
with septa were attached to the 8-month (final date) collars periodically (4 July,
6 July, 24 July, 21 August, 3 October, 5 December, 26 February), to create a
chamber volume of 0.01 m3, and headspace gas samples were collected over 30 min.
Gas samples were analyzed for CO2 and N2O on a Perkin-Elmer Autosystem XL
gas chromatograph (GC) fit with a methanizer and flame ionization detector (CO2)
and an electron-capture detector (N2O). Headspace isotopic 12+13CO2 and
14+15N2O were measured on Picarro G2131-i (CO2) and G5131-i (N2O) CRDS
isotopic analyzers, calibrated against certified and internal standards with a
precision of 0.5‰ standard deviation.

On each harvest date, the soil in one control and necromass collar in each block
(across the two land-use treatments, i.e., a paired subplot) was destructively
harvested from 0–5 cm and 5–10 cm depth and on the 26 February (time final
sample), also from 10–20 cm depth. Soils were stored in plastic bags at 4 °C until
processing, within two weeks of collection. Soils were sieved to 4 mm, then
subsampled into two aliquots: (1) fresh soil for estimating necromass mobilization
into microbial biomass, or (2) air dried soil for estimating necromass stabilization
as mineral-associated organic matter.

Microbial biomass was extracted from two subsamples of fresh soil using a
modified chloroform-direct extraction63, with a water matrix (+ 1 ml CHCl3 in
one of the tubes) and reduced shaking time (2 h). Extractable organic C (EOC) and
extractable nitrogen (EN) of the chloroform extracts and water extract controls
were used to calculate the microbial biomass flush, on a Shimadzu TOC-L CPN
(Shimadzu UK Ltd., UK). To measure necromass uptake into biomass, chloroform
and control water extracts were freeze-dried, ground and analyzed for δ13C on a
Costech CN streamed to a Picarro G2131-i CRDS64, and for δ15N on a Carlo Erba
NA1500 elemental analyzer coupled to a Dennis Leigh Technologies IRMS.

Mineral-association of the added necromass was assessed by measuring 13C and
15N accumulation on the soil fine fraction (<53 μm) in a method modified from
Lopez-Sangil et al65. Specifically, air-dried soil (~5 g) was weighed into a 125 ml
bottle with 5 glass marbles and 40 ml ultra-pure H2O and shaken (150 rpm, 1 hr) to
disrupt macro-aggregates. The slurry was sieved (200 μm) to remove the coarse
sand, then sonicated (440 J cm−3) to disperse micro-aggregates, and immediately
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sieved (53 μm) to remove the fine sand. The remaining silt and clay fraction (‘fine
minerals’, ‘mineral-associated’) was dried (65 °C), weighed and analyzed for C and
N content, on a LECO Truspec elemental analyzer, and for δ13C and δ15N, as
above for the biomass.

Data analysis. For both the lab and field experiment, to determine amounts of
necromass-derived C and N in the soil fine fraction, bulk soil, microbial biomass,
and headspace gas, we converted δ13C and δ15N to atm%, then calculated the
percent of each pool that was substrate-derived using an isotope mixing model:

%CorNsub ¼
atm%C � atm%T

atm%C � atm%S
� 100; ð1Þ

where atm%C is the atm% 13C or 15N value of the C or N pool (CO2-C, N2O, MBC,
MBN, soil fine or bulk C or N) from the control (water only), atm%T is the atm%
13C or 15N value of the equivalent C or N pool from the substrate-added soils and
atm%S is the atm% 13C or 15N value of the labelled substrate. This %Csub or %Nsub

value was multiplied by the mass of the C or N pool from the 24 h incubation to
calculate the absolute value of the substrate-derived C or N. Cumulative CO2-C
and N2O-N from substrate was calculated using linear interpolation between
sample points.

For MBC (and similarly for MBN), the calculation for percentage of substrate
incorporation into microbial biomass flush was initialized by:

MBatm%13C ¼ MBatm%13Cfum � Cfum �MBatm%13Cunfum � Cunfum

Cfum � Cunfum
; ð2Þ

where MB atm% 13Cfum is the atm% 13C value of the microbial biomass from the
CHCl3-fumigated soil-water extract, Cfum is the C pool size of the CHCl3-amended
soil-water extract (μg C g−1 soil), MB atm% 13Cunfum is the atm% 13C value of the
unamended soil-water extract, and Cunfum is the C pool size of the unamended soil-
water extract (μg C g−1 soil). The control and treatment values for MB atm% 13C
were then incorporated into Eq. 1 to calculate the percentage of substrate
incorporation into the microbial biomass (%MB13Csub), then multiplied by the
microbial biomass pool size (μg MBC g−1 soil) to convert to mass of substrate
incorporated into the biomass (“MB13C”).

To investigate the effect of microbial substrate preference and land use on C and
N bulk soil pools, mineral-association pools, and gaseous emissions, we used a two-
way analysis of variance (ANOVA). To understand land use effects and temporal
trends in necromass C and N soil stabilisation in the field experiment, we used a
linear mixed effect model with land use and time since necromass addition as fixed
effects and a plot x time interaction as a random effect to account for variation in
the slopes with respect to time due to plot-specific differences. An autoregressive
(AR1) correlation structure was added to the model to account for temporal
autocorrelation between plots. We ran this model separately for each soil depth
because: (a) our data did not have the power to include an additional factor in the
model, (b) accumulation patterns clearly differed between the rooting depth
(0–5 cm) and below (>5 cm), and (c) the magnitude of this difference between
depths (partially an artefact of where the necromass was added (0–3 cm depth))
was less ecologically relevant than the pattern and controls. To estimate the mean
residence time of the necromass C and N on the fine soil minerals and in the
microbial biomass, we fit linear models with the log-transformed variables,
assumed the model slopes represented the exponential decay functions
(pool turnover time), and used their inverse for mean residence times. All
models were fitted using the base, stats (version 3.6.3) and nlme66 packages, and
graphics were produced with ggplot267 (version 3.3.0) in R62. Data are publicly
available68.

Data availability
The data and R code that support the findings of this study are available in Zenodo with
the identifier 5036539 (https://doi.org/10.5281/zenodo.5036539).
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